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ABSTRACT
Lignin, the most abundant aromatic polymer on earth, has been estimated to contribute
~20% of the total carbon deposited in nature and thus imparts a large influence on
carbon cycling in the environment. The extraordinary abundance of carbon stored in
this material renders it a desirable source of renewable carbon for a variety of
applications including hydrocarbon fuels and industrial chemicals. Due to its incredibly
stable architecture and entanglement with cell wall polysaccharides, however, efforts
toward the conversion of lignin to high value commodities have historically been
impeded. Despite this obstacle, many microbes in nature are capable of degrading
lignin for use as a carbon and energy source. Microbial lignin depolymerization is
typically initiated by the activity of extracellular peroxidases produced by fungi and a
limited number of bacteria. This deconstruction liberates a pool of lower molecular
weight aromatic compounds that can be subsequently catabolized by bacteria in the
environment. The work presented here investigates the diverse reactions involved in
the bacterial transformation of lignin-derived compounds, with a strong focus on
conversions with potential to deliver valuable products. Insights into the bacterial
transformation of ferulic acid, an abundant lignin-derived compound, are provided
through mutagenesis studies with the model marine roseobacter strain, Sagittula
stellata E-37. This study specifically interrogates the role of two annotated feruloyl-CoA
synthase genes in the catabolism of ferulic acid. Results unveil the possible
misannotation of genes and incite intrigue concerning substrate promiscuity across
aromatic acyl-CoA synthases. Additional evidence is provided for the utilization and
transformation of a pretreated organosolv lignin by another roseobacter species,
Citreicella sp. SE45. This work highlights the potential application of lignolytic bacteria
to upgrade residual lignin from a biorefinery. Finally, biotransformation studies with
bacterial ring-hydroxylating dioxygenases present evidence for the transformation of
lignin model compounds to a highly valuable cis-dihydrodiol intermediate that can be
chemical converted to an array of synthetic chemicals. Collectively, this work provides
iv

an enhanced understanding of bacterial reactions with lignin-derived compounds and
offers new insights and suggestions for continued studies in this field.
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CHAPTER ONE - INTRODUCTION
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I. Lignin
Lignocellulose, the matrix supporting vascular plant cell walls, is considered one of the
most renewable sources of carbon on earth. This material comprises three recalcitrant
biopolymers, cellulose, hemicellulose, and lignin, all of which harbor potential to yield
high-value products of commercial and/or industrial interest (1). The monomeric sugars
in the polysaccharides can be converted into ethanol, whereas the aromatic lignin can
be transformed into hydrocarbon fuels and various aromatic chemicals of industrial
application. Although all three polymers contain valuable chemical potential, the
cellulose and hemicellulose have been more heavily targeted due to their relative ease
of conversion to ethanol and the concomitant need for alternative fuel energies.
General practices for bioethanol production include an initial pretreatment of the
biomass to partially degrade and fractionate the lignin from the sugars, followed by an
enzymatic saccharification and fermentation of the sugars to ethanol (2). In this
process, the refractory lignin is commonly considered a waste product and is burned for
disposal. While this method is successful in liberating fermentable sugars in plant cell
walls, it fails to exploit the energy-rich bonds within lignin’s heteropolymeric network of
aromatic compounds.
The work detailed in this dissertation focuses on the underutilized, but highly valuable
lignin component of lignocellulose. Accordingly, the sections below discuss the
structure and composition of lignin, its role in the biorefinery, as well as useful products
that can be extracted and/or generated from this material.

A. Structure and function of lignin
Lignocellulose has been heavily studied since the mid 1800s, however, it was not until
the 1930s that researchers were able to optimize procedures enough to isolate lignin
from proteins and carbohydrates and begin to resolve features (3-5). Anselme Payen is
credited with the first chemical biomass fractionation in 1838 (5) whereby he
2

sequentially treated wood with nitric acid and washed with sodium hydroxide to yield an
insoluble “cellulose” and a dissolved fraction later termed “lignin” by Schulze in 1857 (5).
From here, interest in technologies to “delignify” wood increased as an effort to isolate
cellulose for production of cellulose fibers used in the paper industry. As delignification
technologies advanced, fundamental chemical features of lignin began to emerge,
amassing the repertoire of knowledge that we currently exploit for lignin research today.
The experiments supporting this foundational insight to lignin structure and composition
have been thoroughly documented (5-8).
Thanks to almost 200 years of research, we now have a strong (but not comprehensive)
understanding of the chemical composition and structure of the lignin polymer. It is
currently understood that all lignins are formed through the polymerization of three 4hydroxycinnamyl alcohols (monolignols): p-coumaryl, coniferyl, and sinapyl alcohol. In
their polymerized form, these residues are referred to as 4-hydroxyphenyl (H), guaiacyl
(G), and syringyl (S) phenylpropanoid units, respectively (Figure 1.1). All units are
similar in structure but differ in the degree of ring methoxylation. While there is some
contention regarding the process of lignification in planta, the most supported theory of
polymerization involves a radical coupling of monolignols driven by peroxidase-H2O2
which facilitates the dehydrogenation of monolignol units into di- and oligo-lignols (9).
This idea is supported by the studies of many different research groups who
approached the concept from a variety of angles. Dating back to 1965 (10)
Freudenberg demonstrated that the addition of peroxidase and H2O2 to coniferyl alcohol
generated a dehydrogenated polymer (DHP) consistent with lignin from spruce.
Similarly, Musel et al. showed that addition of H2O2 to plant tissue resulted in an
increase of lignin content, suggesting the involvement of hydrogen peroxide in
lignification (11). More recently, others have more directly investigated the role of
peroxidase activity through assessment of transgenic plants that down regulate
peroxidases, resulting in decreased lignification (12, 13).
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Due to electron delocalization across the aromatic ring and side chains of the 4hydroxycinnamyl alcohols, radical species are generated at a variety of positions on
each monolignol. The combination of these radicals across the monolignols results in
different radical coupling combinations, and ultimately different linkages across the
lignin polymer. For instance, coniferyl alcohol can form a radical at the 4-C and 5-C ring
positions as well as the β carbon of the side chain, generating β-O-4 (β-ether), β-5 (βdimer), and β-β (pinoresinol) interunit linkages (5-5 and 4-O-5 have not been observed
from in vitro dehydrogenations but exist in nature) (9) (Figure 1.2). The sinapyl alcohol
residues form radicals at the 4-C position and β-carbon of the side chain, yielding β-O-4
and β-β linkages. Due to the plethora of radical positions across all 3 monolignols and
the somewhat stochastic nature of radical coupling (governed by the environmental
conditions and deposition of reactants), it is not surprising that lignin structure and
composition is extremely diverse between, and even within plant species (14). Despite
the variability of lignin composition, general characteristics regarding common lignin
content and composition of different plant classes have been observed. For any given
plant, the lignin content constitutes 15-30% of the dry weight of the plant cell wall (15).
Gymnosperms (softwoods) contain mostly G-units with a small proportion of H units,
whereas angiosperms (hardwoods) contain predominantly G- and S- units. Grasses
(monocots) generally consist of equal amounts of G- and S- units, with a higher
proportion of H than dicots (16). Due to these differences, the S:G:H (more often S:G)
ratio is used to classify different sources of biomass, and applied as a metric to
determine relative recalcitrance and/or complexity, usually in the context of sugar
accessibility/release from a particular plant (17).
Collectively, the composition and arrangement of stable phenylpropanoid units in lignin
confer structural and protective properties to the plant, rendering it the most recalcitrant
component of plant cell walls. Most obviously, lignin’s network of aromatic constituents
affords UV protection to the plant tissues (18) and an incredibly strong infrastructure
capable of supporting massive tree weights. Lignin also serves as a primary defense
mechanism against invading pathogens. Studies have shown an accumulation of lignin
4

in plant tissue at the site of fungal attack, strengthening the physical barrier to fungal
penetration (19). Similarly, RNAi silencing of monolignol biosynthesis genes has
demonstrated an increased susceptibility of wheat leaf tissue to infection by powdery
mildew fungus (20). Not only does lignin present a physical barrier to cellular invasion,
but it also impedes the attack of hydrolytic enzymes, particularly cellulases, produced by
microbes. This impediment is the crux of the challenges faced in bioethanol refineries.
Cellulases are instrumental in generating fermentable sugars from cellulose, however, if
cellulose access is denied through lignin interference, ethanol cannot be effectively and
economically produced. For this purpose, bioethanol industries have applied various
strategies to circumvent the lignin barrier, including biomass pretreatments to remove
the lignin (21), biomass engineering to reduce the lignin content of the plant (22), and
other approaches to be discussed in the proceeding section.

B. Lignin in the biorefinery
Since its infancy, the bioethanol industry has sought to advance technologies for
superior biomass conversion efficiencies and economic viability. This involves efforts to
overcome the inherent recalcitrance of lignocellulose, including optimizing biomass
pretreatment practices, engineering plant biomass to enhance its depolymerization (23),
and engineering enzymes for sugar hydrolysis and fermentation (2, 24). The historical
biomass fractionation chemistries from Payen and others have been adapted over time
to provide the scaffolding for biomass pretreatment practices applied in today’s
biorefineries. Prior to chemical pretreatments, biomass can be physically degraded
through chipping, milling and grinding to increase the surface area of the material prior
to further treatments. Chemical pretreatments are generally categorized by the solvents
applied during the process and broadly include alkaline, acid, and organic solvent
(organosolv) methods. Alkaline pretreatments typically involve soaking the biomass in
calcium or sodium hydroxide with moderate heat to increase porosity and disrupt
lignification and lignin-carbohydrate bonds. This approach co-solubilizes the lignin and
hemicelluloses, leaving mostly cellulose behind for enzymatic saccharification (25).
5

Acid pretreatments are usually performed with either dilute or concentrated acid. Dilute
sulfuric acid pretreatments at 160-220°C hydrolyze only the hemicellulose, allowing
increased enzymatic access to the cellulose (26). Treatment with concentrated acids
such as sulfuric or hydrochloric acid, however, will disrupt both the hemicellulose and
cellulose without affecting the lignin. While this generates a relatively high yield of
monomeric sugars for fermentation, it also generates a large amount of toxic material
and need for acid recycling to reduce costs. Organic solvent (organosolv)
pretreatments react the biomass with an acid catalyst in an organic solvent (ethanol,
methanol, acetone, etc.) at high temperatures to facilitate the hydrolysis of bonds within
lignin and between lignin and hemicellulose. The lignin is separated from the remaining
biomass (mostly cellulose) through extraction of the organic phase. This approach is
particularly attractive, as it provides a relatively clean separation of lignin and cellulose,
generating two carbon pools from which valuable products can be derived. The
cellulose is obviously targeted for ethanol production, whereas the fairly pure lignin
extract offers opportunities for conversion to hydrocarbon fuels and drop in chemicals.
Recent studies have demonstrated success in optimizing organosolv reaction conditions
for switchgrass, highlighting the utility of this pretreatment as a viable and advantageous
method for use in the biorefinery (27). Much attention has been paid to comparing
pretreatments for various biomass sources (21, 28), however, most recent
investigations point to the organosolv method as the most attractive and tractable option
for increasing cellulose saccharification and generating value-added products from
lignin (29).
Because biomass pretreatments tend to be one of the largest costs of bioethanol
production, additional efforts have been made to reduce the need for intense
delignifying pretreatments by genetically manipulating the biomass source to make it
more amenable to fractionation. The most obvious modification to increase ethanol
would be to limit the production of lignin. Accordingly, studies have engineered plants
to produce sub-basal levels of lignin and found an associated increase in sugar release
from polysaccharide hydrolysis (30). However, decreases in lignin content may not be
6

the only determinant of polysaccharide accessibility. Clint Chapple’s group at Purdue
University has dedicated much effort towards generating lines of transgenic plants for
enhanced cell wall digestibility. Studies from this team have recently found that
changes to the composition (not abundance) of lignin yields plants with enhanced cell
wall digestibility (31). Here, transgenic lines of Arabidopsis thaliana were generated
with disruptions in the phenylpropanoid biosynthesis pathway to enrich the plants in
either G- or S- aldehydes (aldehydes are non tradition lignin components). In all
instances, plants were viable and produced comparable amounts of lignin, but were
more amenable to saccharification. These results suggest that the lignin unit
composition may be more important to cell wall deconstruction than total lignin content.
Work on these gene disruptions and others have been summarized and additional
manipulations proposed for further plant digestibility (22).

C. Lignin products and applications
There exists a long-standing joke among lignin researchers that “you can make
anything from lignin except money (32).” Unfortunately there is an unsettling truth to
this as although the value of lignin has been long recognized, harnessing the potential
from lignin has been challenging. Upon appropriate isolation, however, lignin can be
transformed into an array of useful materials, which perpetuates a strong interest in
continued lignin research. Many potential lignin-derived products have been considered
(32) and are worth examination; however, only the most prevalent will be discussed
here. One grand valorization of lignin would be a conversion to carbon fiber to replace
heavier materials, such as steel in cars, however, the technology for this conversion is
in its infancy and the projected successes from a lignin-based material are unclear (1).
Nevertheless, efforts are being put forth to generate lignins that are compatible with
effective conversion to carbon fibers (33, 34). Another promising family of lignin-derived
products includes plastics and related polyurethanes. Recent advancements on
polyurethane foam technology has allowed substituting 12% of the standard fossil polyol
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starting material with commercial lignin, offering potential for integration into industry
(35).
The most historically pursued potentials of lignin include production of hydrocarbon
fuels and valuable chemicals. The research presented in Chapters 3 and 4 of this
document were motivated by the prospect of generating lignin-derived materials for
conversion into liquid transportation fuels and chemicals of industrial relevance.
Transformation of the lignin polymer involves an initial depolymerization typically
mediated by reductive catalysis for hydrogenolysis and hydrodeoxygenation (36). In
addition to fuel products, many valuable aromatic monomers can be liberated from
lignin. Nonselective lignin deconstruction approaches can yield products such as
benzene, toluene, xylene, and phenol. These chemicals can easily be integrated into
current chemistry technologies to produce other industrially relevant chemicals (32).
Other high-value aromatics such as vanillin could also be liberated from lignin, however,
this would require a much more selective type of chemical pretreatment. While this is
not a completely unmanageable approach, perhaps a more effective route would be the
application of microbial enzymes known to produce vanillin and similar products from
lignin substrates (37, 38). Due to the heterogeneity and recalcitrance of lignin, unlocking
its imprisoned chemical potential has presented a major obstacle, however,
technologies are advancing to make these practices more fruitful and economical.
Perhaps soon the saying “you can make anything from lignin except money” will no
longer be so relevant.

II. Microbial transformations of lignin and its derivatives
Lignocellulose has been claimed to account for 70% of terrestrial plant biomass,
contributing 120–140 x 109 tons of carbon-rich biomass per year (39). The aromatic
lignin portion of this material typically constitutes about 20-30% of the plant cell wall,
suggesting that lignin is responsible for depositing about 20% (or up to 28 x 109 tons) of
8

carbon material to the earth annually. Understanding the microbial reactions that
facilitate the release of this carbon aids in our comprehension of carbon cycling related
to climate control, and may also elucidate enzymes of industrial interest for the
conversion of lignin into valuable products. The degradation of lignin in nature is
predominantly initiated by the activity of fungal enzymes, with a few instances of
bacterial lignolytic activity. This primary degradation yields a variety of low molecular
weight aromatics that are subsequently utilized by bacteria as carbon and energy
sources. Historically, most research on microbial lignin degradation has focused on soil
environments; however, other plant-rich environments such as coastal salt marshes
have recently received due attention (40, 41). The following sections outline our current
knowledge of microbial degradation of lignin and its aromatic constituents.

A. Degradation of lignin
The degradation of lignocellulose in nature proceeds through an initial biomass
oxidation mediated by fungal (and sometimes bacterial) enzymes, releasing aromatic
monomers for further microbial consumption. Lignolytic fungi are classified as either
“white rot” or “brown rot” species depending on their method and extent of lignin
degradation. White rot fungi are capable of performing a complete degradation of lignin,
leaving a “white” cellulose-rich material, whereas the brown rot fungi only partially
degrade lignin, resulting in a brown residue. The enzymes produced by both of these
groups of fungi vary; however, both generate aromatic monomers from lignin that can
be further catabolized by bacteria. White rot fungi like Phanerochaete chrysosporium,
have been extensively studied with respect to the abundance and activity of
extracellular oxidoreductase enzymes they produce. Generally, white rot species
produce several different peroxidases to oxidize lignin. Fungal peroxidases include
lignin peroxidase (LiP), manganese peroxidase (MnP), and versatile peroxidase (VP),
all of which oxidize the substrate through reduction of hydrogen peroxide but differ in
substrate range. Lignin peroxidases (E.C. 1.11.1.14) oxidize the non-phenolic units in
lignin (which generally comprise over 90% of the polymer) while the manganese
9

peroxidases (E.C. 1.11.1.13) convert both phenolic and non-phenolics through oxidation
of Mn2+ to Mn3+, which can oxidize surrounding lignin material. Versatile peroxidase
represents the most recently discovered lignin oxidoreductase and exhibits hybrid
features of the LiP and MnP enzymes (42).
Another class of fungal enzymes that have been implicated in lignin degradation is the
copper-containing laccases (E.C.1.10.3.2), which oxidize phenols through the reduction
of oxygen to water. Although laccases have been demonstrated to react with lignin
model compounds (43), there is conflicting evidence regarding its role in lignin oxidation
in nature (44). While some studies show a prevention of lignolysis in laccase-deficient
fungi (45), others report no loss in lignin degradation when laccases are inhibited by the
copper-chelating chemical thioglycolate (46). Furthermore, antibody inhibition studies
suggest that laccase-mediated lignin degradation may be an artifact of in vitro
experiments, as the inhibited enzyme did not impair lignin degradation in pure cultures
(47). Thus the contributions of laccases to lignin degradation remain unclear and
require additional studies to support their true activity in nature. In contrast to the
plethora of enzymes generated by white-rot fungi, brown-rot species are believed to
partially degrade lignin through Fenton chemistry (Fe2+ + H2O2 + H+ à Fe3+ + H2O +
OH), although a precise mechanism has not been defined. Current research proposes
a quinone-mediated reduction of Fe3+ to Fe2+ that subsequently reacts with hydrogen
peroxide to generate a hydroxyl radical capable of oxidizing lignin (48).
To a limited extent, bacteria also present evidence of lignolysis through utilization of
extracellular enzymes similar to those produced by fungi (49, 50). Knowledge to date
suggests these activities are mostly limited to select members of the actinobacteria, γproteobacteria, and α-proteobacteria classes, with most insight provided by studies from
the α-proteobacterium, Sphingobium sp. SYK-6 (50). The first bacterial lignin
peroxidase was identified and experimentally validated in the actinobacterium
Streptomyces veridosporus T7A in 1998. A purified peroxidase from this organism was
used to successfully cleave diaryl-propane and beta-aryl ether lignin models in a
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hydrogen peroxide-dependent manner, suggesting a degradation approach consistent
with fungi (51). Additionally, a manganese (Mn2+)-activated peroxidase, DypB (Dyedecolorizing Peroxidase), has been identified and structurally characterized (PDB 3QNR
and 3QNS) in another actinomycete, Rhodococcus jostii RHA1 (52). Both this strain as
well as the γ-proteobacterium, Pseudomonas putida mt-2, were found to transform
lignin as evidenced by spectrophotometric assays employing both fluorescently
modified lignin and nitrated lignin (53). The same study provided additional support for
lignin degradation through incubation studies detecting the appearance of monomeric
phenols after growth on milled miscanthus. Studies on the α-proteobacterium,
Sphingobium paucimobilis sp. SYK-6, focus on the degradation of β-aryl-ether linkages
(refer to Figure 1.1). The initial conversion of this substrate proceeds through the
oxidation of the side chain α-hydroxyl group to a ketone through the activity of LigD, an
NAD-dependent dehydrogenase (54). The subsequent bond cleavage steps are
conducted through a pair of β-etherase glutathione-S-transferases (LigEF) and a
glutathione lyase (LigF) to yield the cleavage products β-hydroxypropiovanillone and
guaiacol (55).
Lignin cleavage studies like those mentioned above offer an opportunity to assess the
degradation products of lignin, revealing substrates that can be utilized by other bacteria
in the environment. Of course, the array of compounds liberated from any biomass will
depend on the structure and composition of its source as well as the enzymes involved;
however, many common structures arise from these oxidations. For instance, analysis
of products from Phanerochaete chrysosporium degradation of spruce lignin revealed
10 different benzoic acid derivatives (50) many of which were also present from
degradations of kraft lignin with the bacterium Aneurinibacillus aneurinilyticus (56) .
Another important class of aromatics that regularly appears from degradation studies
are the cinnamic acids, p-coumaric and ferulic acid derived from H- and G- lignin units,
respectively. These have been reported from the degradations with Bacillus sp.,
Pseudomonas putida, and Rhodococcus jostii RHA1 (50). The generation of ferulic acid
is of particular interest due to its subsequent conversion to commercially valuable
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products like anti-inflammatories and vanillin (38, 57), which will be discussed in more
detail in Chapter 2. Most of the above products have been generated from terrestrial
plants and pretreated biomass, however, degradation products from coastal grasses
have also been examined. In a study aiming to determine the contribution of
lignocellulose to salt marsh dissolved organic carbon (DOC), the coastal cord grass
Spartina alterniflora was 14C radiolabeled and degraded by its associated fungus,
Phaeosphaeria spartinicola (58). Gas chromatography of the resulting lignin phenols
suggested an increase in vanillin and related compounds, with a decrease in ferulic acid
and p-coumaric acid, suggesting a relative preference for transformation of these
hydroxycinnamic acids.

B. Degradation of lignin-derived aromatics
Once the initial lignocellulosic material is oxidized, the low molecular weight aromatics
serve as carbon and energy sources for the surrounding bacterial communities. While
Fuchs and others have described four recognized aromatic catabolism pathways (59,
60), only those that proceed under oxic conditions will be addressed here, as these are
directly relevant to the research herein. The microbial degradation of aromatic
compounds generally proceeds through a catabolic funneling process whereby an array
of aromatic substrates are transformed into a limited number of central intermediates
(peripheral pathways) that are then subject to ring cleavage (lower pathways) for central
metabolism. Several different ring-cleaving pathways have been documented for plantderived aromatic compounds, however, most have been shown to utilize one of the two
branches of the classical β-ketoadipate pathway, proceeding through either a catechol
or protocatechuate intermediate prior to ring fission (61). In this classical aerobic
pathway, compounds are initially hydroxylated through incorporation of 1 or 2 oxygen
atoms (from O2) through monooxygenase or dioxygenase activity, respectively.
Monoxygenases perform a single hydroxylation, whereas the dioxygenase adds a pair
of vicinal hydroxyl groups to yield a reactive cis-dihydrodiol intermediate that is quickly
oxidized by a dehydrogenase to form a rearomatized product. Special attention will be
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paid to the cis-dihydrodiol of ring-hydroxylating dioxygenases in Chapter 4. Some of the
common central intermediates from classical ring hydroxylations include catechol,
protocatechuate, and gentisate (62). The addition of electron-rich hydroxyl groups at
the ortho and para ring positions prepares the ring for subsequent cleavage by ringcleaving dioxygenases, which can act between hydroxyls (ortho cleavage) or adjacent
to the hydroxyl groups (meta cleavage).
In addition to the ring hydroxylating approach, hybrid pathways have been observed
that combine elements of traditional aerobic and anaerobic catabolism reactions (60).
Due to the electron poor conditions of anoxic or low oxygen environments, microbes in
these conditions employ a reducing reaction to initiate ring cleavage. This requires the
addition of electron-withdrawing groups, such as Coenzyme A (CoA) to the ring to
facilitate further reduction. Typically this is performed through CoA thiolation of a
carboxylic acid side group. The canonical example of this type of reaction is the
carboxyl-CoA thiolation of benzoate to yield benzoyl-CoA (63), but has also been
observed with other compounds including phenylacetate (64), anthranilate (2aminobenzoate) (65), p-coumarate (66), and ferulate (67). The CoA addition mediated
by a CoA synthetase/ligase requires ATP and is therefore more energetically expensive
than the oxidative approach. Aerobic hybrid pathways employ this initial CoA thiolation
of the substrate, followed by standard ring cleavage mediated by oxygenases
(anthraniliate with Pseudomonas sp.) (68), or may alternatively proceed through
previously overlooked reactions facilitated by CoA-epoxidases (benzoate with Azoarcus
evansii) (69, 70), and/or enoyl-CoA hydratases (ferulate with Sphingobium SYK-6) (67).
As research expands on aromatic degradation, previously unseen approaches are
being elucidated, providing additional insight into the enzymology and physiology of
plant-degrading microorganisms. Continued studies promise to inflate this knowledge
to provide a more comprehensive understanding of the mechanisms by which microbes
process aromatic compounds. This insight may lead to the unveiling of novel enzymes
for industrial application or for guidance biomimetic chemistries.
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III. Roseobacter catabolism of aromatics
Studies on bacterial degradation of lignin-derived aromatic compounds have historically
focused on soil environments that are known for their wealth of carbon-rich plant
material. An important environment that is often overlooked for these studies, however,
is the highly productive coastal salt marsh system whose grasses contribute
significantly to the marine dissolved organic carbon pools. Among the most well studied
marsh systems are those along the southeastern United States. Analyses from Moran
and Hodson suggest that up to 75% of the dissolved humic substances in this region, as
determined by lignin-phenol content, is deposited by vascular plant material derived
from the surrounding marshes and the adjacent riverine inputs (71). The dominant
vascular plant in this particular region is the cordgrass Spartina alterniflora. Microcosm
experiments with 14C lignocellulose from S. alterniflora incubated with natural bacterial
communities from salt marsh water suggest that bacteria mineralize 30% of the
lignocellulose after 3 months (72). These data present preliminary evidence to support
the notion that coastal marine bacteria are adapted to degrade lignocellulose,
suggesting that this system may provide important information regarding bacterial
degradation of plant material to supplement what is known from soil studies.
Among the most abundant bacteria found in southeastern coastal marsh systems are
members of the Roseobacter lineage (α-proteobacteria of the Rhodobacteracea family),
for which there are currently 32 genome sequences available (as of 2008). The
Roseobacter clade contains > 35 different species, all of which share >89% 16S rRNA
gene sequence identity (73). Although roseobacters are ubiquitous across the oceans,
they dominate in coastal regions where they can account for ~30% of the bacterial
community in southeastern coastal seawater as indicated by 16S rRNA gene analysis
(74). Members of this clade are readily culturable and exhibit a diversity of ecologically
relevant physiologies, arguing their importance as model organisms for a broad range of
marine microbial research. Among some of the most notable phenotypes demonstrated
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by roseobacter representatives are sulfur cycling through transformations of the algal
and plant osmolyte dimethylsulfopropionate (DMSP) (75), symbioses with marine
eukaryotes (76), production of secondary metabolites (77, 78) and associated surface
colonization (77), and the degradation of plant-derived aromatic compounds (79), which
is the primary focus of the work herein.
Knowing that roseobacters are abundant in coastal salt marsh systems where there are
large inputs of plant-derived carbon, the isolation of cultured representatives capable of
degrading plant-derived aromatic compounds was not a surprise. One of the most
prolific accounts of aromatic catabolism in roseobacters arrived in 1996 when Gonzalez
et al. isolated an organism, later named Sagittula stellata E-37, from a lignin enrichment
from pulp mill effluent (80). Subsequent studies documented this organism’s ability to
mineralize synthetic DHP lignin and selectively attach to lignocellulose particles (81).
Evidence for aromatic catabolism was soon expanded when Buchan et al. documented
growth on aromatic compounds across 6 roseobacter isolates and verified the activity of
protocatechuate 3,4-dioxygenase (PcaHG), a ring-cleaving enzyme of the β-ketoadipate
pathway, in two of these isolates. This particular study reported growth on anthranilate,
benzoate, p-hydroxybenzoate, protocatechuate, salicylate, p-coumarate, vanillate, and
ferulate (82). Subsequent PCR-based assays for pcaH from Georgia salt marsh
samples identified 149 pcaH clones, of which 52% were homologous to roseobacter
sequences, suggesting that roseobacters are not only numerically dominant in coastal
systems, but also likely carry a majority of the aromatic ring-cleaving capacity (83).
While aromatic catabolism is widespread across the roseobacter lineage, the wealth of
information emerging from studies with Sagittula stellata E-37 (referred to as E-37 from
here out) render this isolate an important model organism for studying aromatic
catabolism in marine systems (84). Among the 32 sequenced roseobacters which
collectively harbor 1-6 ring-cleaving pathways, E-37 is one of four isolates that exhibits
evidence for all six ring-cleaving pathways (85), strengthening its potential to unveil new
information on a diversity of aromatic pathways. Some paradigm-shifting physiologies
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and exceptional genomic features are also being documented in this organism with
respect the utilization of plant-derived aromatic compounds. In 2013, Gulvik et al.
reported a growth advantage from the simultaneous catabolism of two plant-derived
compounds (p-hydroxybenzoate and benzoate) that are processed through different
ring-cleaving pathways, protocatechuate (pca) and benzoyl-CoA oxidation (box) (40).
This concurrent substrate utilization contradicts the paradigm of hierarchical substrate
utilization that is typically observed with soil bacteria. Another set of genetic and
phenotypic features that has not been described until now includes a unique approach
to ferulate catabolism through the joint effort of two annotated feruloyl CoA synthase
homologs (42% identity, 96% coverage, expected value of e-148). Recent evidence
from the work presented within also suggests the necessity of these two genes for the
degradation of p-coumarate (Chapter 2). The insight provided from the work in this
document helps to expand the growing repertoire of information regarding the utilization
of plant-derived aromatics in coastal marine bacteria. These new findings will help
guide future studies and may reveal novel enzymes and pathways that could be of used
for industrial applications regarding the valorization of lignin.

IV. Objectives
The work described in this dissertation collectively aims to expand upon our knowledge
regarding bacterial transformations of lignin-derived material. The first research chapter
focuses on the transformation of ferulate, a highly valuable lignin compound, by the
model aromatic-degrading roseobacter, Sagittula stellata E-37, whose genomic
architecture and composition suggests a unique approach to ferulate catabolism. The
interest in this study lies in the value of the substrate and its intermediates as well as
the potential to uncover new information on reactions involved in ferulate catabolism.
The second research chapter focuses on roseobacter transformations of pretreated
(organosolv) lignin in effort to demonstrate utilization of a modified lignin as a sole
carbon source and to elucidate potential structural changes to the lignin that might be of
16

industrial interest as many valuable compounds can be liberated from lignin. The final
research chapter examines the efficacy of a specific class of enzymes, ringhydroxylating dioxygenases (RHDs), to generate a highly valuable cis-dihydrodiol
intermediate from lignin models for downstream chemical conversion to hydrocarbon
fuels and synthetic chemicals. The goals of this project are very targeted as they reflect
a sub-aim of a high-risk high-reward DOE grant concerning a more comprehensive
utilization of biomass from a biorefinery. The novelty in this particular study is derived
from the screening of well-characterized recombinant RHDs with a set of non-native
substrates, the lignin models compounds. The assays performed examine whether or
not these enzymes are capable of accepting lignin models as substrates and their
relative abilities to generate the desired cis-dihydrodiol product.
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VI. Appendix: Figures

Figure 1.1. Monolignols (a), phenylpropanoid units (b), and major linkages found in lignin (c).
(From Ralph et al. 2004)
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Figure 1.2. Radical polymerization of monolignols, (a) coniferyl alcohol. (b) sinapyl alcohol.
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CHAPTER TWO - GENETIC INVESTIGATION OF FERULIC ACID
CATABOLISM IN THE MARINE BACTERIUM SAGITTULA STELLATA
E-37
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I. Abstract
Ferulic acid is among the most abundant constituents of lignin and imparts an enhanced
structural rigidity to plant biomass through its notorious cross-linking to hemicellulose in
plant cell walls. This aromatic compound is particularly abundant in grasses where it
may account for 3% of the cell wall dry weight. Interest in ferulic acid studies has
historically been driven by its bacterial conversion to the highly valuable flavor
compound, vanillin. Thus, insight into the bacterial degradation of ferulic acid harbors
potential to advance efforts for the biotechnological production of vanillin and provide a
more comprehensive understanding of reactions involved in the degradation of ligninderived compounds. To date, three major pathways have been described for the
bacterial degradation of ferulic acid, two of which are initiated through coenzyme A
activation of the compound via feruloyl-CoA synthase/ligase activity. Of these CoAdependent pathways, only one has been demonstrated to proceed through a vanillin
intermediate. Here we investigate the catabolism of ferulic acid by Sagittula stellata E37, a member of the roseobacter lineage of marine bacteria that is capable of growth on
ferulic acid, vanillin, and vanillic acid and possesses two annotated feruloyl-CoA (fcs)
synthase homologs in its genome. In effort to elucidate the role of both fcs genes in
ferulate catabolism, mutagenesis techniques were implemented to generate single and
double mutant strains. Phenotypic analyses of the mutant strains suggest only a partial
involvement of either fcs gene in ferulate catabolism, as growth of all mutant strains was
only slightly impaired on this compound compared to wildtype. Instead, a complete
growth deficiency was observed with the double mutant strain when provided pcoumaric acid as a substrate. These findings indicate that both of the annotated fcs
genes are required for growth on p-coumaric acid suggesting a misannotation of these
genes and possible enzyme promiscuity leading the partial phenotypes that were
observed. Additional insights could be provided from functional studies with purified
hydroxycinnamoyl-CoA synthases as well as a metabolite analysis during growth on pcoumaric acid and ferulic acid.
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II. Introduction
Plant-derived carbon has been estimated to contribute ~50% of the dissolved organic
carbon in coastal regions of the southeastern United States (1), highlighting its
importance in carbon cycling in this environment. The carbon liberated from this
material is derived from the lignocellulose in plant cell walls, which contains the
polysaccharides cellulose and hemicellulose, as well as the highly recalcitrant lignin
polymer. Lignin is a heterogeneous aromatic polymer generated from the radical
polymerization of three monolignols; p-coumaryl alcohol, coniferyl alcohol, and sinapyl
alcohol, resulting in a variety of stable carbon-carbon and ether interunit linkages (2).
Due to its structural heterogeneity and chemical stability, lignin serves as a
physiochemical barrier to many sources of damage including UV degradation (3), insect
and herbivore predation (4), fungal penetration (5) and enzymatic hydrolysis (6). Thus,
due to its protective architecture, lignin acts at the gatekeeper for plant carbon release
and is therefore instrumental in mediating carbon cycling in nature.
Constituting up to 30% of the plant cell wall, lignin represents the most abundant
aromatic polymer on earth and offers potential as a highly valuable source of renewable
carbon for various applications including hydrocarbon fuels (7) and synthetic chemicals
(8). Accessing the potential of this polymer from a practical perspective however,
remains a large obstacle due to its refractory nature and entanglement with cellulose
and hemicellulose. Despite such recalcitrance, many fungi and a limited number of
bacteria have been demonstrated to degrade lignin in nature (9). Most knowledge of
lignin degradation has been extracted from reports on the white-rot fungus,
Phanerochaete chrysosporium, for which many different lignolytic enzymes have been
described (10). Primary depolymerization of lignin is typically accomplished through
enzymatic oxidation driven by extracellular oxidoreductases, namely lignin peroxidases
(11) and manganese peroxidases (12, 13). This reaction liberates a pool of low
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molecular weight aromatics that can serve as carbon and energy sources for the
surrounding microbial community.
Among the most abundant and valuable aromatic compounds embedded in (and
liberated from) lignin is ferulic acid. Ferulic acid is a hydroxycinnamic acid (related to
coniferyl alcohol) that cross-links lignin to hemicellulose in plant cell walls (14). This
connectivity provides additional reinforcement to the plant, and has been recently
accused as the main source of recalcitrance in grasses (15). Ferulic acid was initially
isolated from Ferula feotida, a relative of the fennel plant (16, 17), and has since been
extracted from a wide variety of sources. Levels of ferulic acid are generally highest in
grasses, where it accounts for ~3% of the cell wall dry weight, but is also commonly
found in other crops such as rice, wheat, grains, vegetables, fruits, flowers, and coffee
(18, 19). Due to its occurrence in common dietary foods, ferulic acid and its derivatives
have been investigated for their potential medicinal properties. The phenolic structure
and resonance across the conjugated aromatic ring and carboxylic side chain generates
a system capable of scavenging radicals, and thus elicits anti-oxidant and antiinflammatory properties (17). Aside from the interest in ferulic acid itself, it has value in
its transformation to vanillin, a desirable commercial flavoring product. Many microbes
that utilize ferulic acid generate vanillin as an intermediate, a reaction that has been
pursued for the industrial production of commercial vanillin (20-22).
To date, there have been 3 major pathways described for the degradation of ferulic
acid. The oldest documented pathway involves a direct enzymatic decarboxylation (C1removal) of ferulic acid, generating 4-vinylguaiacol. A literature review by Rossazza et
al. suggests that this pathway may be the most widely observed, as 4-vinylguaiacol was
demonstrated as a metabolite of ferulic acid catabolism across 45 of the 67 surveyed
microbial strains. While ferulic acid decarboxylation has been reported across many
genera of bacteria (23-26) and fungi (27, 28), it was first observed in Bacillus pumilus
for which the most information is available (24). Crystal structures of ferulic acid
decarboxylases are available for Bacillus pumilus (PDB ID 3NAD) (29), Enterobacter sp.
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PxG-4 (PDB ID 3NX1) (23), Saccharomyces cerevisiae (PDB ID 4S13) (27), and
Aspergillus niger (PDB ID 4ZAA) (28). The second and third pathways for ferulic acid
catabolism are both initiated by a CoA addition to the ferulic acid carboxylate side chain
to generate feruloyl-CoA, followed by deacetylation (C2 removal of acetate). The
difference in these two pathways lies in the methods employed for removal of the
acetate moiety, with one pathway proceeding through a β-oxidative pathway and the
other through a non-β-oxidative pathway that generates vanillin intermediate, thus these
two pathways can be differentiated by the presence or absence of vanillin. Evidence for
the CoA-dependent β-oxidative pathway has been described for Agrobacterium fabrum
(30) whereas evidence for the CoA-dependent non-β-oxidative pathway (with a vanillin
intermediate) has been much more frequently reported for organisms including Delftia
acidovorans (31), Pseudomonas fluorescens AN103 (32), Pseudomonas sp. HR199
(33), Acinetobacter ADP1 (34) and Sphingobium SYK-6 (35). For both of these
pathways, the initial conversion of ferulic acid to feruloyl-CoA is mediated by a feruloylCoA synthase or ligase (E.C. 6.2.1.34), for which there is currently not a deposited
crystal structure.
While a strong understanding of aromatic compound degradation has been established
with soil bacteria like those above, studies with bacteria from other lignin-rich
environments such as coastal marshes, is less well documented. Members of the
roseobacter lineage of marine bacteria, particularly those isolated from coastal regions,
have been documented to utilize a variety of lignin-derived aromatic compounds as sole
carbon and energy sources including anthranilate, benzoic acid, p-hydroxybenzoic acid,
protocatechuic acid, salicylic acid, p-coumaric acid, vanillic acid, and ferulic acid (3638). Among the many isolates capable of degrading aromatic compounds, Sagittula
stellata E-37 serves as a particularly suitable model for the degradation of plant-derived
aromatic compounds in coastal regions due to its amenability to cultivation, evidence for
multiple aromatic ring-cleaving pathways (39), and ability to mineralize a synthetic lignin
(40). This isolate shows robust growth on ferulic acid and presents some unique
genetic features with respect to its catabolism. The genome of this isolate harbors two
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annotated feruloyl-CoA synthases (FCS) that share 42% amino acid identity (96%
coverage, 2e-151), indicating that this organism likely utilizes a CoA-dependent
pathway for the conversion of ferulic acid to feruloyl-CoA. The presence of 2 fcs
homologs is intriguing as this phenomenon is not observed in other species and may
imply that E-37 requires simultaneous use of these two genes for ferulic acid catabolism
or balances their expression under different conditions. Another possible explanation for
the presence of two fcs homologs is the misannotation of these genes, which can only
be verified through genetic and functional studies. In addition to the catabolism of
ferulic acid, E-37 can also use vanillin and vanillic acid as sole carbon substrates, which
suggests the processing of ferulic acid through a vanillin intermediate through a non-βoxidative pathway. Together these features help to generate the hypothesis that E-37
degrades ferulic acid through the joint use of two feruloyl-coA synthases and proceeds
through CoA-dependent, non-β-oxidative pathway.
In effort to elucidate the method by which E-37 degrades ferulic acid, a molecular
approach was employed targeting the disruption of ferulic acid-related genes. Both
random and targeted mutagenesis was performed in effort to capture a more
comprehensive understanding of the genes involved in ferulic acid conversions.
Construction of a random Tn5 mutant library yielded mutants in an enoyl-CoA hydratase
that has been implicated in the conversion of feruloyl-CoA to vanillin; however, mutants
in other suspected genes were not identified with this approach, including either of the
annotated fcs genes, which are the main source of intrigue in this organism. To assess
the contribution of both fcs genes to ferulic acid catabolism, individual and double
mutants were generated using a targeted marker exchange mutagenesis approach as
well as a targeted insertional (pKNOCK) mutagenesis approach using pKNOCK
plasmids. The application of multiple methods for genetic mutation expands our genetic
toolbox for roseobacters which has historically been limited to a handful of methods with
selected strains (41). This work demonstrates the first documented set of genetic
mutations in Sagittula stellata E-37 and the first use of targeted pKNOCK mutagenesis
in a roseobacter. Results of these mutagenesis studies demonstrate an involvement,
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but not a requirement, of both fcs genes in the catabolism of ferulic acid as a double
mutant strain exhibited depressed growth and activity, but not a complete loss of
activity. Alternatively, the interruptions of both fcs genes facilitates the loss of growth
and activity on p-coumaric acid, suggesting that the genes may be misannotated as
feruloyl-CoA synthases, when in fact they are p-coumaryl-CoA synthases. Further
functional studies with the expressed enzymes are required to support the new
hypothesis emerging from this work.

III. Materials and methods
Strains and Plasmids
Strains and plasmids used in this study are described in Table 2.1. Primers used for
validation of cloning inserts and chromosomal integrations are described in Table 2.2.
Media and Culture Conditions
Sagittula stellata E-37 was previously isolated from pulp mill effluent and enriched on
indulin as described by Gonzalez et al. (40). Unless otherwise noted, wildtype E-37 and
its mutant strains were maintained at 30°C in YTSS medium (per liter, 2.5g yeast
extract, 4 g tryptone, 15 g sea salts [Sigma-Aldrich, St. Louis, MO]). E. coli strains used
for cloning and mating experiments (Table 2.1) were maintained at 37°C in Luria Broth
(per liter, 10 g tryptone, 5 g yeast extract, 10 g NaCl). Antibiotics were added to the
growth medium when necessary to maintain selective pressure (25-50 µg/mL
kanamycin, 5-10 µg/mL tetracycline). Growth assays were routinely performed in
Marine Basal Medium containing 1.5% (wt/vol) sea salts, 225 nM K2HPO4, 13.35 µM
NH4Cl, 71 mM Tris-HCl (pH 7.5), 68 µM Fe-EDTA, trace metals, vitamins and carbon
(2mM aromatic and 10mM acetate unless otherwise noted). Glassware used for carbon
studies was combusted for 4-24 hours prior to use to eliminate trace carbon that could
yield false positives for growth assays. All plastic materials used for screening were
either autoclaved or UV-sterilized prior to use.
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Molecular techniques
All PCR purifications, plasmid extractions, and gel extractions were performed with the
appropriate Qiagen kit and executed per manufacturer protocol, performing all elutions
with pre-warmed (60°C) elution buffer. Restriction enzymes and buffers, unless
otherwise noted, were purchased from New England Biolabs and applied as suggested
by manufacturer. Cloning inserts were routinely verified through PCR amplification
followed by sequencing and sequence alignments (Geneious 8.1.3) to the relevant
reference sequences for E-37 (taxonomy ID 388399), pKNOCK-Km (Addgene 46262),
pKNOCK-Tc (Addgene 46259 ). PCR mixtures for all reactions included the following
unless otherwise noted: 1x GoTAQ buffer (Promega), 200 µM deoxynucleotide
triphostphates (dNTPs, Promega), 0.4 µM forward and reverse primers, 0.025 U/µl
GoTaq DNA Polymerase (Promega), and 1-2 ng/µl template DNA. Thermocycling for
site-directed mutagenesis approaches was generally performed using an initial
denaturation at 95°C for 2 minutes, followed by 30 cycles of 95°C denaturation for 30
seconds, 55°C annealing for 30 seconds, 72°C elongation for 30 seconds, and a final
extension at 72°C for 5 minutes. All non-TA (ie TOPO) ligation reactions were
performed by first co-precipitating a 50:1 molar ratio of the insert and plasmid. One
tenth volume (0.1% v:v) ammonium acetate (7.5M) was added to the DNA mixture
before incubating in 95% ethanol at -20°C for 2 hours. The DNA was then pelleted at
4°C for 15 minutes at 13,000 rpm and resuspended in 8 µl elution buffer. The coprecipitated DNA was then ligated with 1 µl 10x T4 DNA ligase buffer (Promega) and 1
µl T4 DNA Ligase (1 unit) and incubated on ice overnight.
Random transposon mutagenesis
A mini-Tn5 random transposon mutant library was constructed from wildtype Sagittula
stellata E-37 via conjugal mating with the diaminopimelate (DAP) auxotroph Escherichia
coli EA145 pRL27::mini-Tn5-Kmr-oriR6K following the methods of Larsen et al. (42).
Briefly, 1 mL of overnight cultures of E-37 and E. coli EA145 pRL27::mini-Tn5-KanRoriR6K were used to inoculate 10 mL YTSS and LB/DAP (1 mM), respectively. Cultures
were grown to an OD540 of ~0.4 before setting up the mating mixtures which consisted
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of 200 µl of both recipient E-37 and donor E. coli strains. Mating mixtures were
pelleted, washed in 1 mL YTSS, pelleted again, and resuspended in 15 µl YTSS before
spot plating onto YTSS/DAP (1 mM) agar plates. Mating spots were incubated at 30°C
until robust growth (~24 hours) at which time the spots were transferred to 1 mL YTSS,
resuspended, diluted, and plated onto YTSS/Kan (50 ug/mL) agar plates to establish
the entire mutant library. Tn5 mutant screening was performed on 1.5% solid agar;
either YTSS or a marine basal medium containing 25 mM acetate, 10 mM POB, 2 mM
ferulic acid, 5 mM vanillin, or 5 mM vanillic aicd. All media used for Tn5 mutants
contained cycloheximide (25 µg/mL) to inhibit fungal contamination and kanamycin (50
µg/mL) to maintain selective pressure for the KanR Tn5 mutants.
Arbitrary PCR, sequencing, and identifying Tn5 insertion sites
Arbitrary PCR was used to identify the location of the Tn5 insertions of selected E-37
mutants as described by O’Toole et al. (43) and Cude et al. (44). Briefly, crude cell
lysates were used as DNA templates for arbitrary PCR. The first round of PCR was
performed with the transposon-specific forward primer TNPR13Out (5’-CAG CAA CAC
CTT CTT CAC GA-3’) and the arbitrary reverse primer Arb6 (5’-GGC CAC GCG TCG
ACT AGT ACN NNN NNN NNN ACG CC-3’) to amplify the region downstream of the
transposon. Thermocycling conditions consisted of a 5 minute initial denaturation at
95°C, followed by 5 cycles of 94°C for 30 sec, 30°C for 30 sec, and 72°C for 1 minute
and 30 cycles of 94°C for 30 sec, 45°C for 30 sec, 72°C for 1 minute and a final
extension of 72°C for 5 minutes. A secondary nested PCR was then performed using
the product from the first round of PCR as the DNA template. This reaction utilized the
Arb2 primer (5’-GGC CAC GCG TCG ACT AGT AC-3’) which nests within the Arb6 arm
of the product, and TNPR13Nest (5’-CTA GAG TCG ACC TGC AGG CAT-3’), which
nests within the TNPR13Out arm of the PCR product. Thermocycling conditions for the
nested PCR included a 5 minute initial denaturation at 95°C, followed by 30 cycles of
94°C for 30 sec, 45°C for 30 sec, and 72°C for 1 minute and a final extension of 72°C
for 10 minutes. PCR products were then purified and sequenced with the TNPR13Nest
primer.
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Marker exchange mutagenesis
Methods for marker exchange mutagenesis of SSE37_12324 were optimized from
previously described procedures (45-47). PCR was used to amplify a 402 bp region
upstream and a 585 bp region downstream of the gene of interest, generating “A” and
“B’ amplicons, respectively (Figure 2.1). During these first amplifications, a 21 bp scar
sequence was added to the internal A primer (5’gattcgaggagcgatagagctGTCGACTTCTCCTCCTGGCGTTTTAG-3’, scar underlined)
and internal B primer (5’-agctctatcgctcctcgaatcGACCGGCGCCCGGTT-3’), generating
complementary appendages for overlap extension PCR. PCR mixtures for each A and
B reaction included 1x GoTaq Buffer (Promega), 200 µM deoxynucleotide triphosphates
(Promega), 6 µM internal primer, 0.6 µM external primer, 0.025 U/µl GoTaq DNA
Polymerase (Promega) and 1-2 ng/µl E-37 genomic DNA. Thermocylcing conditions
consisted of a 3 minute denaturation at 95°C followed by 31 cycles of 30 seconds at
95°C, 30 seconds at 56°C, 30 seconds at 72°C and a final extension for 5 minutes at
72°C. The A and B amplicons were subsequently used as template DNA during overlap
extension PCR to generate a fused “AB” product. This PCR was performed with 1x
FailSafe Buffer F (Epicentre), 6 µM external primer A, 6 µM external primer B, 0.05 U/µl
FailSafe enzyme mix (Epicenter), 1-2 ng/µl amplicon A, and 1-2 ng/µl amplicon B.
Thermocycling conditions were the same as previous, except with a 10 minute final
extension. The resulting AB product was cloned into pCR2.1-TOPO (Invitrogen) and
transformed into TOP10 chemically competent cells per manufacturer instructions,
generating plasmid pCR2.1_12324. Positive clones were selected on LB/Kanamycin
(50 µg/mL) agar and verified through M13 amplification of the insert and sequencing of
the product with M13 primers. The AB insert was then subcloned from pCR2.1_12324
to the mobilizable suicide plasmid, pARO180 (ATCC 77123), through shared HindIII
(New England Biolabs) and XbaI sites, generating plasmid pARO_12324, and
transformed into chemically competent E. coli JM109. Positive clones were selected on
LB/ampicillin (50 µg/mL) agar and verified through amplification and sequencing of the
insert. The sacBkanR cassette from pRMJ1 (47) was inserted into the middle of the AB
insert through a SalI site that was designed into the internal A primer (Figure 2.2, Table
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2.1), generating plasmid pARO_12324_SK. The completed A- sacBkanR -B construct
in pARO_12324_SK was then transformed into the mating strain, E. coli S17-1.
Conjugal mating of E. coli S17-1 (pARO_12324_SK) with wildtype E-37 was initiated by
creating a mating mixture containing 200 µl of each strain (OD540 ~ 0.5 for each strain).
The mating mixture was pelleted for 2 minutes at 10,000rpm, washed in 1 mL YTSS,
and resuspended in 15 µl YTSS. The entire volume of mating mixture was spot plated
onto YTSS agar and incubated at 30°C. To select for successful E-37 transconjugants,
the grown mating spot was washed in 500 µl 1.5% sea salts and resuspended in
another 500 µl 1.5% seas salts before plating 1:10 dilutions onto MBM agar containing 5
mM POB (to select against S17-1) and 50 µg/mL kanamycin (to select for E-37
transconjugants). DNA was extracted from selected E-37 transconjugants (DNeasy
blood and tissue kit, Qiagen) and screened for allelic replacement of SSE37_12324 with
sacBkanR through PCR amplifications across the chromosomal region of interest using
primers Asac_F/Bkm_R (Table 2.2). PCR for this amplification was performed through
LongRange PCR (Qiagen) according to manufacturer instructions with the following
thermocycling conditions: initial denaturation at 93°C for 3 minutes, followed by 30
cycles of 93°C denaturation for 15 seconds, 57°C annealing for 30 seconds, 68°C
elongation for 12 minutes with no final extension.
Insertional mutagenesis with pKNOCK plasmids
Construction of SSE37_24399 mutant was performed through insertional mutagenesis
with the pKNOCK-Km (kanamycin marker) plasmid (48). A 231 bp internal region of
SSE37_24399 was cloned into pCR2.1-TOPO and transformed into commercial Top10
chemically competent cells (Invitrogen). The insert was subsequently transferred from
pCR2.1-TOPO into pKNOCK-Km through their shared BamHI and XhoI sites in the
multiple cloning sites, generating plasmid pKNOCKKm_24399. The plasmid was then
transformed into the chemically competent cells of the E. coli mating strain BW20767
(49). Conjugation of BW20767 (pKNOCKKM_24399) with wildtype E-37 was performed
as described earlier. Positive E-37 transconjugants were selected on MBM agar with
5mM POB and 50 µg/mL kanamycin as previous. The fcs1/fcs2 double mutant was
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generated by cloning the same 231 bp fragment of fcs2 into pKNOCK-Tc (tetracycline
marker), transforming into the mating strain E. coli BW201767, and mating with the
fcs1- strain of E-37.
Biolog™ phenotypic microarrays of fsc mutants
Custom phenotypic microarrays were performed to assay for redox activity of all strains
when incubated with various carbon sources (10 mM acetate, 2 mM p-hydroxybenzoic
acid, ferulic acid, vanillin, vanillic acid, p-coumaric acid). All fcs mutants and wildtype E37 were pre-cultured in MBM with 10 mM acetate (supplemented with kanamycin and
tetracycline when necessary) prior to initiation of the assay. Assays were performed in
96 well flat-bottom plates (Costar) containing 1x MBM, 1x Biolog™ Dye Mix G
(Hayward, Ca), 107 cells/mL, and desired carbon source. Plates were incubated at
30°C in the Omnilog reader where digital colorimetric readings were captured every 30
minutes to monitor the intensity of dye reduction over time, recorded in Omnilog
units/time.
Growth assays of fsc mutants
All fcs mutants and wildtype E-37 were pre-cultured in MBM with 10 mM acetate
(supplemented with kanamycin and tetracycline when necessary) prior to initiation of the
growth curve. Pre-cultures were used to inoculate growth curve cultures (~107 cells/mL)
containing 10 mL MBM with 2mM aromatic carbon (p-hydroxybenzoic acid, ferulic acid,
vanillin, vanillic acid) or 10mM acetate in 18 mm tubes. Cultures were incubated at
30°C with shaking (200 rpm) throughout with OD540 measurements taken every 3-4
hours for 3 days.
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IV. Results
Random Tn5 library identifies gene involved in conversion of feruloyl-CoA
>6,000 member random Tn5 transposon mutant library was created from the E-37
wildtype strain to identify transposon insertions in genes involved in ferulic acid, vanillin,
and vanillic acid degradation. For practical purposes, only half of the library was
screened. A primary plating on acetate was performed to eliminate any auxotrophs
generated from insertions in required nutrient biosynthesis genes. A second filtration
screen was performed to reduce the library to only those mutants capable of utilizing the
protocatechuate pathway, through which ferulic acid, vanillin, and vanillic acid are
degraded. Protocatechuate 3,4-dioxygenase enzyme assays (37) were performed prior
to library construction (C.A. Gulvik, unpublished data) to verify that all assayed
compounds were funneled through the protocatechuate (PCA) pathway. Screening on
p-hydroxybenzoate (POB), a non-ferulic acid related aromatic known to be degraded
through the PCA pathway, allowed for the reduction of the library to 2,909 mutants (37,
38). All remaining mutants were subsequently replica plated onto 2mM ferulic acid,
5mM vanillin, and 5mM vanillic acid, for which concentrations were determined based
on ability to generate robust colony growth. These screens yielded 5 ferulic acidmutants, 23 vanillin- mutants, and 3 vanillic acid- mutants. Due to the strong interest in
recovering insertions in the two anomalous fcs homologs, only those mutants deficient
on ferulate were pursued. Arbitrary PCR and sequencing analysis of the 5 ferulic acid
mutants unveiled 2 mutants of direct interest, both of which contained a single Tn5
insertion in the annotated enoyl-coA hydratase (SSE37_12349) near one of the fcs
genes (SSE37_12324). Subsequent growth assays in liquid culture confirmed the
inability of this mutant to grow on ferulic acid. The enoyl-coA hydratase has been
demonstrated to be involved in both the β-oxidative (30) and non-β-oxidative (33)
pathways for ferulic acid degradation.
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Targeted mutagenesis successfully generates fcs- mutants
In effort to assess the relative contributions of the annotated fcs homologs and expand
our molecular tools for E-37, a set of targeted mutagenesis techniques were applied to
generate the resulting fcs1-, fcs2-, and fcs1-/fcs2- mutants. The first fcs gene (“fcs1”,
SSE37_12324) was generated using a marker exchange mutagenesis technique
whereby the entire gene was replaced with a ::sacBkanR cassette for selection in the E37 genome. The replacement of this gene was verified through multiple PCR-based
assays to detect the entire gene region (Figure 2.3), and parts of the sacB and kanR
cassette (data not shown). For each of the described PCRs, the amplicons were
sequenced and confirmed through alignment to the E-37 genome when applicable as
well as the available sequences for sacB and kanR.
The second fcs gene (“fcs2”, SSE37_24399) was interrupted through insertional
mutagenesis with a pKNOCK-Km plasmid in which a 231 bp region internal to the gene
of interest was cloned. This small gene fragment served as a region of homology with
the fcs2 in the E-37 genome allowing for the single homologous recombination event
that resulted in incorporation of the entire plasmid into the middle of the fcs2 gene.
Transconjugants were screened via PCR for the integration of the 2.1 kb plasmid into
the gene of interest using primers (Table 2.2) that flank the 231bp region of homology
on the E-37 genome. Results from this screen yielded one clone (now the fcs2- strain)
that exhibited a band consistent with integration of the plasmid (Figure 2.4). Sequencing
of this PCR product and alignments to the E-37 genome and pKNOCK-Km sequence
confirmed the anticipated sequence.
The double fcs mutant (fcs1-/fcs2-) was generated by interrupting the fcs2 gene in the
previously constructed fcs1- strain. Because the base fcs1- strain already contained a
kanR gene, the fcs2 mutation required a different selection. For this the same 231 bp
region of the fcs2 single mutant was cloned into a pKNOCK-Tc plasmid, (containing a
tetracycline marker) and transferred through conjugation to the E-37 fcs1- strain where
it underwent homologous recombination to integrate into the fcs2 gene. Verification of
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both mutations (fcs1 marker exchange mutation and fcs2 pKNOCK-Tc mutation) was
verified through PCR amplification as done previously. Results confirmed the
maintenance of the original fcs1 mutation (sacBkanR replacement) and new integration
of pKNOCK-Tc into the fcs2 gene (Figure 2.5). PCR products were again sequenced
and aligned to the relevant DNA templates to confirm successful mutations.
Phenotypic and growth assays suggest fcs genes are required for p-coumaric acid
catabolism
Upon successful construction of all desired fcs mutants, Biolog™ redox assays and
culture-based growth assays were performed with a variety of plant-derived aromatic
compounds to assess differences in response to these compounds. Biolog™ assays
detect cellular respiration through monitoring the cell-mediated reduction of a
tetrazolium dye (50). The dye reduction is accomplished through transfer of electrons
from the carbon source to NADH, and finally to the tetrazolium salt eliciting a color
change that can be detected (51). Surprisingly, results do not show a complete loss of
activity for any of the fcs mutants when incubated with ferulic acid (Figure 2.6). Instead,
a differential response is observed with all mutant strains, with a slight impairment
exhibited by the double mutant and a stronger impairment exhibited by both individual
mutants. Even more interestingly, a complete loss of redox activity is noted for the
double mutant when incubated with p-coumarate, a compound that shares a similar
structure to ferulate but is lacking the o-methoxyl group. A delayed activity is noted with
the fcs1- strain on p-coumarate, whereas the fcs2- strain responds similar to wildtype.
Another interesting phenotype revealed by this assay is the loss of activity of the fcs2strain on vanillin, whereas the fcs1- strain is congruent with wildtype activity. All of the
above phenotypes are corroborated by growth assays, suggesting the respiration
responses are correlated with growth (Figure 2.7).
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V. Discussion
Expanding insight into hydroxycinnamic acid catabolism in E-37
Findings from the redox and growth assays present some interesting and unexpected
results regarding the degradation of ferulic acid and p-coumaric acid. These assays
demonstrate that neither of the annotated feruloyl-CoA synthase homologs is
necessarily required for the utilization of ferulic acid. This is supported by the
maintenance of growth and activity in the presence of ferulic acid for the fcs1-, fcs2- and
fcs1-/fcs2- strains. While all three of these strains exhibit a suppressed response
relative to wildtype, none are nullified by their mutation(s), suggesting another enzyme
could be recruited for the catabolism of ferulic acid in their absence. Although no other
genes are annotated as feruloyl-CoA synthases in this genome, there are 9 other CoAsynthases or ligases with homology to these proteins that could possibly compensate
for these enzymes, although none of the protein homologs exhibit particularly strong
amino acid identity and coverage to either fcs gene (coverage <65%, expected value e<10-20) (Table 2.3). A potential candidate for recovering any potential lost fcs
functionality could be the benzoyl-CoA ligase (locus tag SSE37_24404, accession
EBA09441) which is situated adjacent to fcs2 on the E-37 chromosome. Due to the
proximity and consistent orientation of the fcs2 gene to the benzoate-CoA ligase and its
corresponding benzoyl-CoA oxidation (box) operon (which harbors other genes
implicated in ferulic acid catabolism including an enoyl-coA hydratase (SSE37_24454)
and thioesterase (SSE37_24444)), it is feasible that these two proteins could have
interchangeable functions and/or accept a variety of similar substrates. Small
deviations in substrate specificity has been documented previously for the benzoyl-CoA
ligase from Thauera aromatica from which the purified benzoyl-CoA ligase was capable
of transforming benzoate and 2-aminobenzoate (52). Another instance of CoA ligase
promiscuity is demonstrated in Acinetobacter ADP1 whose CoA ligase (HcaC) was
found to transfer CoA to caffeic acid, p-coumaric acid, and ferulic acid (34). Similarly,
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the annotated feruloyl-CoA ligase (FerA) from Sphingobium SYK-6 has been
demonstrated to convert caffeic acid, p-coumaric, sinapic acid, and ferulic acid (35).
The proximity and consistent orientation of the fcs2 gene to the box genes might also
imply polar effects of the insertional mutation, truncating expression of the annotated
benozoyl-CoA ligase and adjacent box operon. If the box genes are misannotated
and/or involved in the degradation of other hydroxycinnamic acids, like ferulic acid and
p-coumaric, the polar disruption of these genes might also contribute to the given
phenotype. Although growth and activity on benzoic acid was not affected by any of
these mutations (data not shown), a second benzoyl-CoA ligase (locus tag
SSE37_02644, accession EBA07214) and a 2-aminobenzoate-CoA ligase (locus tag
SSE37_00175, accession EBA06840) are annotated in the genome which could
potentially provide the required benzoate transformations if the other gene is impaired.
While a polar effect would represent an undesired outcome of the intended fcs2
mutation, it could serendipitously uncover previous misunderstandings regarding the
aromatic catabolome of E-37 and encourage future studies to provide a more
comprehensive understanding of aromatic catabolism. Although less satisfying, another
explanation for these data is simply a misannotation of both fcs genes in the available
draft genome of E-37, assigning the ferulic acid substrate to enzymes with other
preferred substrates. While protein BLAST analyses aligning Fcs1 and Fcs2 to
sequences in Genbank overwhelmingly yields hits to other annotated feruloyl-CoA
synthase and ligases from various bacteria (data not shown), the homology of these two
proteins to functionally annotated feruloyl-CoA synthase/ligases is fairly low. Alignment
of E-37’s Fcs1 to the functionally validated FerA protein of Sphingobium SYK-6 (for
which there are multiple substrates) (35) provides an alignment covering only 12% of
the amino acids for Fcs1 and 22% of the amino acids for Fcs2 (recall that Fcs1 and
Fcs2 only share 42% identity, but with a strong coverage of 96%). This supports the
concept that these two proteins are distinct from a characterized feruloyl-CoA synthase,
suggesting a different function or substrate for these enzymes, despite their evidence of
diagnostic sequence motifs, including AMP and CoA binding sites.
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Given the current level of information offered from the studies at hand, it would be
overly presumptuous to propose a defined mechanism for the involvement of fcs genes
in the degradation of ferulic acid in E-37, however additional information was elucidated
regarding the involvement of these genes in p-coumarate degradation that are a bit
more interpretable. Results from the Biolog assay and growth studies indicated a
complete loss of activity and growth on p-coumaric acid for the fcs1/fcs2 double mutant.
These data indicate that both annotated fcs genes are required for the utilization of pcoumaric acid in E-37. This phenotype was not observed with either of the individual
mutants, suggesting a synergistic contribution of both enzymes for the degradation of pcoumarate. As mentioned earlier, perhaps the ability of a feruloyl-CoA synthase to
transform a related substrate like p-coumaric acid is not surprising given the
documentation of the substrate-variable HcaC CoA ligase in Acinetobacter (34). While
these findings provide strong circumstantial evidence for the use of p-coumaric acid by
both fcs genes, it would be hasty to assign such specific function to these genes without
the proper functional enzyme studies and chemical analyses of intermediates. Future
work on this project would benefit from focusing on defining substrates for these
enzymes through binding assays with purified proteins. Additional insight on the overall
cellular response to aromatic compounds could be provided by q-RT-PCR experiments
to monitor and quantify gene expression during growth. At present, we understand that
the two annotated fcs genes are involved, but not required for ferulic acid utilization,
however both genes are required for the degradation of p-coumaric acid, suggesting a
genomic misannotation or enzyme promiscuity.
Contributions to roseobacter genetics
In addition to providing insight to the roles of fcs genes in aromatic catabolism in E-37,
this work was also instrumental in establishing a more comprehensive set of molecular
tools to employ in E-37 and possibly other roseobacters for future genetic studies. The
approaches employed include random transposon mutagenesis, marker exchange
mutagenesis, and plasmid insertion mutagenesis. While the Tn5-based random
transposon mutagenesis has already been documented for some roseobacter strains
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(Phaeobacter sp. Y4I (44) and others (41)), this is the first report of its implementation in
Sagittula stellata E-37 which is taxonomically and functionally distinct from strains who
have previously been genetically manipulated (39, 53). Additionally, this work
demonstrates successful application of marker exchange mutagenesis which has only
recently been described in the roseobacter Ruegeria pomeroyi DSS-3 (45). Lastly, the
generation of chromosomal interruptions through single homologous recombination with
a pKNOCK plasmid demonstrates the first application of this approach in a roseobacter
strain. Given the environmental importance of E-37 in coastal systems, the
establishment of a strong genetic system in this organism vows to provide a fruitful
future of molecular-based studies that can be applied toward any function of interest.
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VIII. Appendix: Tables

Table 2.1. Plasmids and strains used in this study
Plasmids

Description

Source

pCR2.1 TOPO

TA plasmid for cloning

Invitrogen

pRMJ1

Plasmid harboring sacBkanR cassette for marker exchange mutagenesis

Jones & Williams
2003

pARO180

Mobilizable suicide plasmid for marker exchange mutagenesis

D. Park
(ATCC 77123)

pARO180_12343

pARO180 containing fused flanking regions of fcs1 (SSE37_12324) cloned
into the XbaI and HindIII sites of the MCS

This study

pARO180_12324_SK

pARO180_12324 with sacBkanR from pRMJ1 inserted into the middle of
the fcs1 insert through the designed SalI site

This study

pKNOCK-Km

Mobilizable suicide plasmid harboring kanamycin resistance gene. Used
for site-directed mutagenesis via chromosomal integration

M.Alexeyev 1999
(Addgene 46262)

pKNOCK-Km_24399

pKNOCK-Km with small internal region (231 bp) of fcs2 cloned into the
BamHI and XhoI sites of the MCS

This study

pKNOCK-Tc

Mobilizable suicide plasmid harboring tetracycline resistance gene. Used
for site-directed mutagenesis via chromosomal integration

M.Alexeyev 1999
(Addgene 46259)

pKNOCK-Tc_24399

pKNOCK-Tc with small internal region (231 bp) of fcs2 cloned into the
BamHI and XhoI sites of the MCS

This study

E-37

Wildtype Sagitulla stellata E-37

Gonzalez et al.
1997

E-37 Δfsc1::sacBkanR

E-37 fcs1 mutant where fcs1 (SE37_12324) is replaced with sacBkanR
from pARO180_12324_SK

This study

E-37 fcs2::pKNOCK-Km

E-37 fcs2 mutant where fcs2 (SSE37_24399) is interrupted by pKNOCKKm_24399

This study

E-37 Δfsc1::sacBkanR
fcs2::pKNOCK-Tc

E-37 fcs1/fcs2 double mutant generated by interrupting fcs2
(SSE37_24399) with pKNOCK-Tc_24399 in strain E-37 Δfsc1::sacBkanR

This study

E. coli TOP10

Cloning strain for pCR2.1 TOPO plasmid

Invitrogen

E. coli JM109

Subcloning and transformation strain

gift

E. coli S17-1

Mating strain for marker exchange mutagenesis

ATCC 47055

E. coli BW20767

Mating strain for pKNOCK mutagenesis, derived from S17-1

Metcalf et al. 1996
ATCC 47084

Strains
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Table 2.2. Primers used in this study
Name

Sequence

Function

E37_12324_A_ex
E37_12324_A_in

GATCACTGCGCCGATCTT
gattcgaggagcgatagagctGTCGACTTCTCCTCC
TGGCGTTTTAG*

Primer pair amplifies A region (402 bp
upstream of 12324) with 21 bp scar SalI site
appended to the 3’ end. A_ex primer is also
use with B_ex for cross-over pCR to generate
the A-scar-B product

E37_12324_B_ex
E37_12324_A_in

GGAGCCCAACAGCATCAT
agctctatcgctcctcgaatcGACCGGCGCCCGGTT*

Primer pair amplifies B region (585 bp
downstream of 12324) with 21 bp scar
appended to the 5’ end. B_ex primer is also
use with A_ex for cross-over PCR to generate
the A-scar-B product

E37_12324_Asac_F
E37_12324_Bkm_R

GGATCAGGATGTCGTCGTTC
CAGCTTCTCCTCGATTCGCT

Amplifies region upstream and downstream of
fcs1 to verify replacement of gene with
sacBkanR cassette

24399_int_F
24399_int_R

TGGTGTTTTATGCAGGCGCG
TTTCGCAGCGCATGTCTTCG

Primer pair amplifies 231 bp internal region of
fcs2 (SSE37_24399) used for cloning into
pKNOCK plasmids

pKNOCKKm_752_F
pKNOCKKm_901_R

ACGGCTGACATGGGAATTCC
GCGGAATTAATTCGACGCGTC

Primer pair binds around MCS of pKNOCK-Km
to amplify inserts off of plasmid

pKNOCKTc_425_F
pKNOCKTc_558_R

GAATTCCCCTCCACCGCGG
TGATCAAGCTGACGCGTCCT

Primer pair binds around MCS of pKNOCK-Tc
to amplify inserts off of plasmid

24399_884_F
24399_1383_R

GAACGCTGGCCTTCAACGTG
GAAATCCTCCGAAATCCGCCC

Primer pair binds E-37 DNA upstream and
downstream of the 231 bp internal region of
fcs2. Used to verify insertion of pKNOCK
plasmids in fcs2 of E-37

* 21 bp scar sequence indicated in lower case. SalI site underlined.
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Table 2.3. Fcs1 homologs in the E-37 genome. Results were generated from BLASTing
the E-37 Fcs1 amino acid sequence against the Sagittula stellata E-37 genome.
Description

Accession ID

% Identity

Expected value

100

% Query
coverage
100

Fcs1 (SSE37_12324)

WP_005859342.1

Fcs2 (SSE37_24399)

WP_005857142.1

42

96

5.07E-148

Long-chain fatty acid CoA ligase

WP_005859196.1

24

64

3.53E-17

Malonyl-CoA synthase

WP_005858701.1

29

39

6.54E-14

4-hydroxybenzoate-CoA ligase

WP_005857144.1

26

50

2.78E-13

Benzoate-CoA ligase

WP_005860777.1

23

58

2.59E-08

AMP-dependent synthetase

WP_005857435.1

27

34

2.78E-07

Benzoate-CoA ligase

EBA06840

23

69

8.50E-06

2-aminobenzoate-CoA ligase

WP_040604889.1

23

37

8.56E-06

Long-chain fatty acid CoA ligase

WP_005861161.1

25

20

5.37E-05

AMP-dependent synthetase

WP_005863246.1

32

39

1.35E-04
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IX. Appendix: Figures

Figure 2.1. Conceptual depiction of the marker exchange mutagenesis approach used
to generate the fcs1 mutant. A and B regions surrounding the fcs gene represent the
regions used for overlap extension PCR eventually serving as regions of homology for
homologous recombination in the E-37 genome
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Figure 2.2. Illustration depicting the steps for generation of the allelic exchange plasmid
construct, pARO180_12324_SK.
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M

fcs1

WT

Figure 2.3. Agarose gel validating the replacement of the fcs1 gene with the
::sacBkanR cassette from the mobilizable suicide plasmid construct. This amplification

used	
  primers	
  Asac_F	
  and	
  Bkm_R	
  targeting	
  the	
  E-‐37	
  genome	
  flanking	
  the	
  fcs1	
  gene.	
  	
  
Replacement	
  of	
  fcs1	
  with	
  ::sacBkanR	
  yields	
  5	
  kb	
  product	
  consistent	
  with	
  sacBkanR	
  (3.5	
  
kb)	
  plus	
  additional	
  flanking	
  regions	
  (1,457	
  bp),	
  whereas	
  WT	
  amplification	
  yields	
  3.3	
  kb	
  
product	
  consistent	
  with	
  the	
  size	
  of	
  the	
  fcs1	
  (1,833	
  bp)	
  gene	
  plus	
  additional	
  flanking	
  
regions	
  (1,457	
  bp)	
  	
  M;	
  1	
  kB	
  plus	
  ladder,	
  fcs1;	
  amplicon	
  from	
  fcs1	
  mutant	
  strain,	
  WT;	
  
amplicons	
  from	
  E-‐37.	
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M	
  

WT

P

Figure 2.4. Agarose gel validating the interruption of the fcs2 gene with the pKNOCKKm. This amplification used	
  primers	
  884_F/1383_R	
  targeting	
  the	
  E-‐37	
  genome	
  flanking	
  

231	
  bp	
  region	
  used	
  for	
  homologous	
  recombination.	
  	
  Insertion	
  into	
  the	
  fcs2	
  gene	
  with	
  
pKNOCK-‐Km	
  yields	
  a	
  2.9	
  kb	
  product	
  consistent	
  with	
  the	
  size	
  of	
  pKNOCK-‐Km	
  (2.1	
  kb)	
  
plus	
  the	
  flanking	
  region	
  (800	
  bp).	
  The	
  wildtype	
  band	
  at	
  500	
  bp	
  is	
  consistent	
  with	
  
amplification	
  of	
  the	
  231	
  bp	
  region	
  plus	
  the	
  flanking	
  region.	
  The	
  bands	
  at	
  300	
  bp	
  
represent	
  a	
  nonspecific	
  product	
  from	
  the	
  pKNOCK-‐Km	
  plasmid	
  (in	
  lane	
  P).	
  M;	
  1	
  kb	
  plus	
  
ladder,	
  fcs2;	
  amplicon	
  from	
  fcs2	
  mutant	
  strain,	
  WT;	
  amplicons	
  from	
  E-‐37.	
  P;	
  amplicon	
  
from	
  pKNOCK-‐Km	
  plasmid	
  control.	
  	
  Unlabeled	
  lanes	
  represent	
  unsuccessful	
  clones	
  
with	
  nonspecific	
  amplification	
  off	
  the	
  plasmid.	
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Figure 2.5. Agarose gel validating the interruption of the fcs2 gene with pKNCOK-Tc in
the fcs1- background. This amplification used	
  primers	
  884_F/1383_R	
  targeting	
  the	
  E-‐

37	
  genome	
  flanking	
  231	
  bp	
  region	
  used	
  for	
  homologous	
  recombination.	
  	
  Insertion	
  into	
  
the	
  fcs2	
  gene	
  with	
  pKNOCK-‐Tc	
  yields	
  a	
  3.1	
  kb	
  product	
  consistent	
  with	
  the	
  size	
  of	
  
pKNOCK-‐Tc	
  (2.3	
  kb)	
  plus	
  the	
  flanking	
  region	
  (800	
  bp).	
  The	
  fcs1	
  band	
  was	
  also	
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  this	
  strain	
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  the	
  Asac_F	
  and	
  Bkm_R	
  	
  primers	
  to	
  reconfirm	
  the	
  maintenance	
  of	
  
this	
  mutation.	
  The	
  wildtype	
  band	
  at	
  500	
  bp	
  is	
  consistent	
  with	
  amplification	
  of	
  the	
  231	
  
bp	
  region	
  plus	
  the	
  flanking	
  region	
  M;	
  1	
  kb	
  plus	
  ladder,	
  fcs2;	
  amplicon	
  from	
  fcs2	
  mutant	
  
strain,	
  WT;	
  amplicons	
  from	
  E-‐37.	
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Figure 2.6. Biolog phenotypic assay of fcs mutant strains incubated with various
aromatic compounds. Results demonstrate a loss of activity on p-coumaric acid for
the fcs1/fcs2 mutant and a loss of activity on vanillin for the fcs2 mutant. Data for the
double mutant on vanillin is pending.
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Figure 2.7. Growth curves of all fcs mutants on p-coumaric acid and vanillin. Results
corroborate the loss of activities demonstrated in the Biolog assay
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CHAPTER THREE - TRANSFORMATION OF ORGANSOLV LIGNIN BY
MARINE ROSEOBACTERS
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I. Abstract
The prospect of generating renewable products from plant biomass has received much
attention as the need for cost-effective alternative energies increases. The
lignocellulose from vascular plants often serves as the primary feedstock for the
bioethanol refinery, where plant biomass is fractionated to remove lignin from the
fermentable polysaccharides. The removal of lignin is accomplished through biomass
pretreatments, ideally resulting in a clean separation of lignin from cellulose and
hemicellulose. Due to the variability in plant cell wall architecture, there is no universal
pretreatment method, however, one of the most promising fractionations is an organic
extraction (organosolv) method that produces fairly pure streams of cellulose and lignin.
This method is favorable as it produces two clean pools of carbon from which valuable
products can be derived; cellulose can be saccharified and fermented to bioethanol and
the lignin can be converted to hydrocarbon fuels and various other industrial chemicals.
Thus, this introduces a new opportunity to upgrade the value of lignin from the
biorefinery where it was formerly burned for energy. The conversion of lignin from a
bioethanol refinery, however, is not a trivial task, as it requires the selective activity of
either chemical or microbial catalysts. This work assesses the utility of marine
roseobacter bacteria to utilize and transform different preparations of organosolv lignin.
Microcosm incubations were performed and assayed for bacterial growth and structural
changes to the lignin biomass via 2D NMR. Although the results were somewhat
confounded by weak reproducibility, strong evidence for bacterial growth was observed
and preliminary data suggests microbial conversions of ferulate esters, β-O-4 linkages,
phenylcoumaran structures, and pinoresinol features. To our knowledge these findings
present the first demonstration of bacterial utilization of an organosolv lignin and provide
support for the continued investigation of their use for the valorization of lignin.
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II. Introduction
Lignin is the most abundant aromatic polymer on earth and offers an incredible resource
for the production of renewable carbon (1). The abundance of carbon secured in this
molecule (28 x 109 tons deposited annually) (2) holds potential for conversion to
industrially and commercially valuable commodities including hydrocarbon fuels and
synthetic chemicals like benzene, toluene, xylene, and styrene (3). Harnessing the
value from lignin, however, presents a grand challenge due to its inherent resistance to
chemical and enzymatic hydrolysis. The stable architecture of lignin helps to fortify the
cell walls of vascular plants, where it is concomitantly entrapped with two
polysaccharides, cellulose and hemicellulose, providing an additional barrier to its
extraction. Cell wall lignification occurs through radical formation and condensation of
three hydroxycinnamic alcohols; p-coumaryl alcohol, coniferyl alcohol, and sinapyl
alcohol (review Figures 1.1and 1.2), which vary only in the degree of ring methoxylation
(4). Due to the variety of radicals that can form across these monolignols, a diversity of
carbon-carbon and carbon-oxygen linkages is represented in the resulting lignin
polymer. The heterogeneity supplied by the various aromatic constituents and interunit
linkages combined with the inherent stability of the aromatic rings imparts an incredible
recalcitrance to the material. These refractory properties are what have historically
impeded the successful and economical upgrading of lignin to higher value applications.
One major opportunity for the valorization of lignin is offered from current bioethanol
refinery where advancing technologies exist for a clean separation of lignin from
cellulose and hemicellulose. In this industry, the lignin is considered an impediment to
accessing the fermentable sugars in plant biomass, and thus methods to remove lignin
from these polysaccharides have been a priority. Lignin extraction chemistries have
been developing since the 1830s (5), however due to the considerable differences in
lignin structures across different (and even related) plants (6), there is still no consensus
on which biomass fractionation method is most universally appropriate. Among one of
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the most promising pretreatment technologies is an organic solvent (organosolv)
extraction method that typically performed through a high temperature reaction (up to
200°C) with an acid catalyst (commonly H2SO4) in an organic solvent (ethanol,
methanol, etc.) and water. This reaction hydrolyzes bonds between (and partially
within) the lignin and hemicellulose. The lignin fraction is separated through extraction
into the organic phase (7, 8). Comparative analysis of reaction variables has suggested
that an optimum organosolv fractionation for a mixed biomass input (9:1 switchgrass to
poplar) would involve a 90-minute reaction at 160°C with 0.1M H2SO4 (9) and
ethanol/water/methyl isobutyl ketone extraction (10).
While valiant strides have been made toward deconstructing lignin through chemical
means, nature has evolved to exploit energy and carbon from this recalcitrant polymer.
The primary lignin degraders in nature are fungi of the Basidiomycota phylum, although
there is also emerging evidence for lignolysis in select phyla of bacteria including
actinobacteria, γ-proteobacteria, and α-proteobacteria (11, 12). In either instance, the
organism oxidizes the lignin polymer through the activity of various extracellular
peroxidases (predominantly lignin peroxidase and manganese peroxidase), generating
a pool of lower molecular weight aromatic compounds that can be further catabolized by
surrounding microbes. Due to the large inputs of lignin from agricultural plants, previous
studies have exhibited a large bias toward the examination of lignin degradation in soil
systems (13). While this has established an indispensible foundation on aromatic
catabolism pathways, there are newly recognized lignin-rich environments that are
worthy of attention. Of note are lignin-rich coastal marsh systems along the
southeastern United States whose surrounding grasses have been shown to account
for up to 75% of the dissolved humic substances in this environment (14). It has also
been demonstrated that the microbial communities in these regions are capable of
mineralizing lignocellulose from the native cordgrass, Spartina alterniflora (15). This
information supports the argument that additional studies with coastal bacteria may
expand our knowledge of lignin degradation, as organisms from different environments
often adapt diverse approaches metabolism due to environmental constraints.
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Representing up to 30% of the total microbial community along the southeastern United
States coast (16), members of the roseobacter lineage of marine bacteria are among
the most abundant and active bacteria in this environment. While these organisms
express a diverse collection of phenotypes and metabolisms (17), select
representatives are notorious for their ability to degrade plant-derived aromatic
compounds (18-20). One strain in particular, Sagittula stellata E-37, was isolated from a
lignin enrichment culture and was shown to attach to lignocellulose particles and
partially mineralize a synthetic lignin (21). Additional studies with S. stellata E-37 have
confirmed growth on a variety of lignin-derived aromatic compounds including
anthranilic acid, benzoic acid, p-hydroxybenzoic acid, protocatechuic acid, p-coumaric
acid, vanillic acid, and ferulic acid (20, 22). Furthermore, bioinformatics analyses of all
roseobacter strains has revealed evidence for up to 6 different aromatic ring-cleaving
pathways in selected representatives (18). These findings suggest that roseobacter
species would be of great utility for expanding insight into the degradation of ligninderived compounds, including the underused residual lignin from bioethanol biomass
fractionations.
Here we investigate the ability of roseobacters to utilize organosolv lignin as a sole
carbon and energy source while monitoring structural changes to the biomass through
2D NMR analysis. While preliminary results show strong support for the utilization and
transformation of organosolv lignin, subsequent studies did not provide the necessary
confidence to confirm this activity. Additional methods of biomass analysis were
explored, but were limited to the soluble phenolic faction of the biomass and were also
confounded by an observed abiotic transformation of the lignin. While it is clear that
selected roseobacter strains grow on the supplied carbon source, information regarding
the changes to biomass are somewhat uncertain, however there is some indication of
the conversion of β-O-4 linkages and ferulate esters by these organisms. These
findings as well as recommendations for future studies are articulated within.
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III. Materials and methods
Strains, substrates, and growth maintenance
Sagittula stellata E-37, Sulfitobacter sp. EE-36, and Phaeobacter sp. Y4I were
previously isolated from pulp mill effluent as described by Gonzalez et al. (16).
Citreicella sp. SE45 was isolated from Spartina alterniflora from a coastal salt marsh
near Savannah, Georgia as described by Buchan et al. (23). All strains were maintained
at 30°C in YTSS medium (per liter, 2.5g yeast extract, 4 g tryptone, 15 g sea salts
[Sigma-Aldrich, St. Louis, MO]) unless otherwise noted. Pre-conditioning cultures were
grown in Marine Basal Medium (MBM) containing 1.5% (wt/vol) sea salts, 225 nM
K2HPO4, 13.35 µM NH4Cl, 71 mM Tris-HCl (pH 7.5), 68 µM Fe-EDTA, trace metals,
vitamins and carbon source (3-10 mM acetate or 5 mg/mL lignin). Organosolv lignins
were prepared with various reaction conditions (Table 3.1) by Anton Astner at the
University of Tennessee’s Center for Renewable Carbon as described by Astner (9) and
Bozell et al. (10). Non-lignin carbon sources were sterilized by filtration through a 0.2
µm filter. All glassware was ashed for 4-24 hours to remove any interfering carbon
sources. All materials including spatulas and weigh boats were sterilized through
autoclaving or UV radiation. Experiments were typically set up in a laminar flow hood
unless otherwise noted.
Microcosm 1- pilot end point study with NMR analysis
A four-month pilot study was performed to determine if organosolv lignin preparations
could support the growth of roseobacter strains and if changes to the lignin structure
could be detected through 2D NMR. For this set of incubations, four roseobacter
isolates (Sagittula stellata E-37, Sulfitobacter sp. EE-36, Phaeobacter sp. Y4I, and
Citreicella sp. SE45) were pre-conditioned in MBM supplemented with 3 mM acetate
and 50 mg lignin. The grown cultures were used to inoculate 2 replicate milk bottles
containing 40 mL MBM and 200 mg of the respective organosolv lignin preparation
(#129, #131, and #139) (refer to Table 3.1), providing a starting cell concentration of
70

about 106 cells/mL. Control bottles were included containing carbon free medium to
differentiate lignin growth from carryover growth from the inoculum. Additional abiotic
controls were included containing lignin but no bacterial inoculum to assess abiotic
changes of the lignin and monitor for contamination of the starting lignin. The milk
bottles were capped with rubber stoppers and incubated in the dark at room
temperature, shaking at 100 rpm. The lignin used for these microcosms was not
sterilized, as previous abiotic lignin incubations did not show evidence for microbial
contamination (data not shown) and options for sterilizing lignin without compromising
structure are limited. Samples were collected weekly for viable count analysis by
removing 200 µl from the standing (planktonic) aqueous culture, diluting in 1.5% sea
salts, and plating as spot titers or full plates onto YTSS agar. The experiment was
terminated after 120 days at which point the liquid medium was evaporated through
drying at 60°C for 5-7 days. Dried samples were washed with a total of 10 mL
deionized H2O in small portions through a Buchner funnel to remove salts from the
growth medium. These washed samples were then sent for NMR analysis.
Microcosm 2 - refined temporal study with NMR analysis
A refined microcosm study was designed guided by results of the pilot study. In this
experiment, two roseobacter strains, Sagittula stellata E-37 and Citreicella sp. SE45
were incubated with organosolv lignin preparation #139 (see Table 3.1). Preconditioning cultures were prepared in 10 mL MBM supplemented with 3 mM acetate
and 50 mg lignin as described previously. These cultures were used to inoculate serum
bottles in triplicate containing 30 mL MBM and 150 mg lignin, at a starting concentration
of 106 cells/mL. Again, biotic no-carbon controls and abiotic no-cell controls were
included to assess carryover growth and abiotic lignin transformations, respectively.
Due to the required sacrificing of entire bottles for lignin NMR analysis, the experimental
design includes biological triplicates for each of the 7 time points (day 0, 4, 7, 14, 21,
28, 35) for all lignin + bacteria treatments. Bottles were capped with gray butyl rubber
stoppers without crimping and incubated in the dark at room temperature, shaking at
100 rpm for 35 days. Bottles were periodically vented and swirled to encourage mixing.
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Samples were collected on days 4, 7, 14, 21, 28, and 35 for viable count analysis (Day
0 cell concentration was estimated based on available growth curve information for the
organisms). Bottles were mixed vigorously prior to sample removal in effort to collect
both planktonic and surface-attached cells. Samples (500 µl) were dispensed into UVsterilized snap-cap vials and sonicated in a 25°C waterbath sonicator (Branson,
Danbury, CT) for 6 minutes at 40KHz. Viable counts were performed from the sonicated
samples as in microcosm 1. After removing samples for viable counts for any particular
time point, the corresponding set of biological triplicates was sacrificed for NMR
analysis. The liquid was evaporated in a 60°C oven to dryness, as previous. Dried
samples were washed in a total of 10 mL dH2O through centrifugation and
resuspension. Washed samples were freeze-dried (Labconco FreezeZone, Kansas
City, MO) and sent to the University of Tennessee’s Center for Renewable Carbon for
HMQC-NMR analysis.
Microcosm 3 –UV ionization difference spectrophotometry of lignin phenolics
An additional microcosm was designed to determine if a method targeting the soluble
phenolic fraction could be informative with respect to detecting changes in the lignin.
For this study organosolv lignin #90 (100% switchgrass), #108 (100% poplar), and #157
(50/50 S/G) (see Table 2.1) were used as a carbon source for Citreicella sp. SE45.
Turbid cultures of SE45 pre-conditioned on 7 mM acetate were used to inoculate 25 mm
screw-cap borosilicate tubes containing 10 mL MBM and 50 mg lignin to a starting cell
concentration of ~1x107 cells/mL in duplicate. Lignin was pre-sterilized by heating at
70°C for 2 hours as previously described (24). In this experiment samples were
sacrificed at Tinitial (day 0) and Tfinal (day 5) for lignin phenol analysis, and therefore sets
of tubes were prepared for both sacrificial time points. For sacrificed samples, the
medium was evaporated at 60°C until dryness, at which time UV ionization difference
spectrophotometric analysis was performed to detect phenolics. Additionally, samples
were collected on days 0, 1, 2, 3, and 5 for viable count analysis. For this 150 µl of wellmixed sample (containing both planktonic and particle-associated fractions) was
removed, diluted in 1.5% sea salts and plated as spot titers on YTSS agar.
72

2D NMR and spectral analysis
Heteronuclear Multiple Quantum Coherence-Nuclear Magnetic Resonance (HMQCNMR) was performed by various collaborators at the University of Tennessee’s Center
for Renewable Carbon following the methods described by Bozell et al. (25). Data were
transformed and analyzed in Mnova 6.2.1 using a DMSO reference signal at 39.5/2.5
ppm.
UV ionization difference spectrophotometry analysis
Lignin phenols were extracted from the dried lignin samples from microcosm 3
according to previously reported methods (26). Briefly, lignin was resuspended in 95%
ethanol and filtered through a 0.2 µm filter to remove lignin particles. The ethanol filtrate
was then used to prepare individual dilutions in neutral (pH 6 potassium phosphate) and
basic (pH 13 NaOH) solutions. UV ionization difference spectra were collected by
wavelength scans (200-400 nm) on a DU800 UV-vis spectrophotometer (Beckman
Coulter, Inc., Brea, CA) blanking with the neutralized sample and reading the ionized
basic sample. This method should result in characteristic peaks for various phenolic
groups as described by Lin (26). Although not performed here, the percent change
(loss or gain) of a given phenolic hydroxyl group can be calculated using the extinction
coefficient for the assigned phenolic type (% phenolic OH = ΔD/Δε, where ΔD is the
difference in peak absorbance between two time points and ε is the extinction
coefficient). Literature values are available for Type I phenolics with λmax of 300 nm (ε
= 4100 L mol-1 cm-1) and Type IV phenolics with λmax of 370 (ε = 37250 L mol-1 cm-1).

IV. Results
Microcosm 1 pilot study presents evidence of lignin transformation by roseobacters
Growth analysis of the four strains on the 3 different organosolv lignin preparations
provided evidence that this material could support the growth of all roseobacters. For
each strain a rapid increase in CFU/mL was observed between day 0 and day 6 with a
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steady decline afterwards. A hierarchical trend was generally noted in the growth yield,
with the highest CFU achieved on lignin #139, followed by #129, and #121. The
exception to this was EE-36, which exhibited consistent growth across all substrates.
Although evidence for growth was provided for all strains, the most confident data were
from incubations with SE45 and lignin #139. Accordingly, only these microcosms were
supplied for NMR analysis.
2D HMQC-NMR experiments display correlations between the coupling of two different
nuclei (here 1H and 13C) to provide an enhanced resolution of features from the
chemically complex organosolv lignin. For these analyses, spectra of bacterially treated
lignin were overlayed on the spectra of the appropriate abiotic lignin controls to identify
differences in the spectra, specifically with respect to disappearances of characteristic
lignin features which have previously determined (25). Comparison of spectra for the
abiotic lignin control and SE45-treated lignin clearly exhibit the loss of several features
in the aromatic (~95-150 ppm/5.9-8.0 ppm) and methoxy/side-chain (~50-105 ppm/2.65.7 ppm) regions of the spectrum (Figure 3.1). Of note is the complete loss of ferulate
ester features (114 ppm/6.3 ppm and 111/7.35) in the aromatic region. This result is
further substantiated by depressed signals for syringyl (S), guaiacyl (G), and phydroxyphenyl (H) esters (144 ppm/7.5 ppm). An additional loss was noted for a
particular pool of S (106 ppm/7.28 ppm) and G (111 ppm/7.5 ppm) units containing
side-chains oxidized at the alpha position. When considering the methoxy/side chain
region of the spectrum, additional signal reduction is exhibited in the presence of SE45.
Of most significance are signals related to β-O-4 linkages for Cβ/Hβ linkages to S (86
ppm/4.15 ppm) and G (84 ppm/4.3 pmm) units as well as the Cα/Hα signals for S and G
units at 72 ppm/4.9 ppm. Peaks for common structures such as phenylcoumaran and
pinoresinol also exhibit marked losses and are indicated in Figure 3.2.
Microcosm 2 displays only minor changes in lignin after 5 weeks
Analysis of viable counts for E-37 and SE45 again provide evidence for the utilization
for organosolv lignin #139 as a sole carbon source (Figure 3.3). Both strains increased
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in number by two orders of magnitude over the first 4 days. E-37 CFUs began to
decline from day 7 to day 35, whereas SE45 numbers stayed around their peak of
1x108 CFU/mL for the duration of the experiment with a slight suggestion of slow
decline after day 28.
In contrast to microcosm 1, all samples from microcosm 2 were analyzed by 2D NMR.
Again, results were analyzed by comparing the overlay of bacterially treated lignin with
the corresponding abiotic lignin control. Surprisingly, no substantial spectral differences
between controls and experimental samples were observed for any of the treatments at
any time with the exception of one of the day 35 replicates treated with SE45 (Figure
3.4). For this single replicate, lignin modifications were minor, but mimicked the
features losses observed in the methoxy-region from the pilot study. Here small
decreases in the some of the β-O-4, phenylcoumaran, and pinoresinol structures were
exhibited. No substantial changes were presented in the aromatic region.
Microcosm 3 identifies abiotic changes to lignin phenolics
Viable counts from this experiment provide a third line of evidence supporting the
growth of Citreicella sp. SE45 on organosolv lignins. Similar to the previous
microcosms, CFU values rapidly increased by two order of magnitude over the first two
days and are maximally maintained at ~1x108 CFU/mL for the duration of the
experiment (Figure 3.5). This experiment supplied different types of organosolv biomass
as the sole carbon source. Lignin substrates for this study consisted of an organosolv
extraction from 100% switchgrass (#90), 100% poplar (#108), and a 50/50 mixture of
switchgrass and poplar (#157) (refer to Table 3.1). A graded use of the substrates by
SE45 was indicated with most growth on switchgrass, intermediate growth on poplar,
and the least growth on the mixed biomass.
UV difference spectrophotometry is a technique that has been used to assess phenolics
in lignin since the 1950s and relies on the acidity of the phenolic OH and its ability to be
ionized by a basic solution (26). Ionized phenolics exhibit a bathochromic (longer
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wavelength) and hyperchromic (increased absorbance) shift in a UV spectrum. Multiple
phenolic peaks (λmax) are often observed in lignin samples, representing different
phenolic structures. Many of these groups have been analyzed with standards for
establishment of proper extinction coefficients. Given that this experiment was a trial to
assess the utility of the technique, only those phenolics for which extinction coefficients
have been reported will be considered. These include Type I phenolics (λmax ~ 300
nm) which include phenolics with saturated side chains and Type IV phenolic (λmax ~
360) including stilbenes. Bacterial utilization of lignin phenolics would be represented by
a decrease in absorbance for any given phenolic peak over time. Preliminary results
from these studies exhibit the intended bathochromic/hyperchromic shift for ethanol
extracted lignin phenolics upon ionization (data not shown). While the ionization
difference spectra do indicate a decrease in phenolic peaks between day 0 and day 5,
there is also a concomitant decrease in absorbance of the abiotic controls. Figure 3.6
displays the results for the organosolv switchgrass treated with SE45 and abiotic
control. The observations noted for the switchgrass samples are consistent across the
poplar and 50/50 mixed biomass microcosms as well (data not shown).

V. Discussion and perspectives
This chapter aimed to explore the ability of marine roseobacters to utilize a pretreated
(organosolv) lignin that would reflect residual material from a biorefinery. While data
present repeated evidence for the growth of several roseobacter strains, particularly
Citreicella sp. SE45, on organosolv lignin preparations, the corresponding structural
modifications to the lignin substrate lack confidence due to inconclusive experimental
replication. The 4 month microcosm incubations provided encouraging 2D NMR spectra
from the SE45 treatment demonstrating the loss of diagnostic structural signatures
including ferulate esters, β-O-4 linkages, as well as phenylcoumaran and pinoresinol
structures. Ferulate esters have been identified as the connection between ferulates in
lignin and the hemicellulose (27), and are responsible for imparting much of the
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recalcitrance to lignocellulosic biomass, particularly in grasses where ferulic acid
content is generally high (28, 29). The removal of ferulate esters in lignin is typically
mediated by feruloyl esterases (EC 3.1.1.73), which cleave the ester bond between
ferulate and the polysaccharide (30). Assuming the results from the first microcosm are
accurate, it may not be surprising to observe a reduction of ferulate esters as genome
surveys indicate the presence of a putative feruloyl esterase in the genomes of both
Citreicella sp. SE45 (accession WP_008882956) and Sagittula stellata E-37 (accession
WP_005854618). The strongest protein homolog for SE45 is for Pelagibaca
bermudensis (82% identity, with 95% coverage, expected value of 0), a roseobacter
species isolated from the western Sargasso sea (31). The annotated feruloyl esterase
from E-37 exhibits most homology to Ponticoccus sp. UMTAT08 (78% identity, 99%
coverage, expected value of 0). Protein sequence alignment of the putative feruloyl
esterases from SE45 and E-37 also suggests robust homology between the two
proteins with 74% identity over 95% sequence coverage and an expected value of 0.
Given these results, future work may benefit from a functional characterization of these
two enzymes. Several assays have been described for the identification and activity of
feruloyl esterases. Among these is a simple spectrophotometric approach that monitors
the release of 4-nitrophenol from the 4-nitrophenyl ferulate substrate by absorbance at
410 nm (32).
When considering the potential loss of β-O-4 linkages in the lignin, it is not immediately
apparent which bacterial determinants might be responsible for this activity as there is
no convincing evidence for presence of diagnostic β-O-4 cleaving proteins in the SE45
or E-37 genomes. Neither demonstrates any level of homology to the classical lignin
peroxidase from the white rot fungus Phaenerochate chrysosporium suggesting this
traditional extracellular peroxidase approach is not implemented in these organisms.
Sequence comparison to the β-etherase (which aids in the degradation of β-O-4
linkages) of the α-proteobacterium Sphingobium SYK-6 displays limited homology to a
protein of related function in the E-37 genome (accession EBA07640) with an amino
acid identity of 29% and an expected value of 8x10-6. There is also a weak homology to
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a protein in the SE45 genome (accession EEX12634) displaying an identity of 29% and
expected value of 1x10-5. Given these unsatisfying comparisons, it remains difficult to
predict which proteins might be involved in β-O-4 cleavage. Furthermore, attempts to
culture these two organisms on the β-O-4 lignin model guaiacylglycerol-β-guaicacyl
ether have not been successful. This may suggest that the culturing environment of the
microcosm was more conducive to the consumption of β-O-4 linkages than conditions
using a single carbon source. While the described microcosms provide evidence for
roseobacter utilization and transformation of organosolv lignin, additional strength for
these findings could be offered through supplemental experiments. One study that could
be particularly enlightening would involve repeating the initial 4 month microcosm with
SE45 and organosolv lignin #139 (50/50 switchgrass:poplar) but also include
organosolv lignins of 100% switchgrass and 100% Spartina alterniflora. Since S.
alterniflora is the native grass inhabiting the coastal systems from which SE45 and E-37
were isolated, this material would serve as a more natural substrate for these organisms
and provide more environmentally relevant results. It might also be informative to
include the roseobacter strain Ruegeria pomeroyi DSS-3, which was also isolated from
the Georgia coast (33) and has gained acknowledgement for its prolific utilization of
plant-derived aromatic compounds (18, 19).
Attempts to identify changes to lignin phenols facilitated by bacterial degradation
provided inconclusive results. While the method of ionization difference
spectrophotometry was validated for the given organosolv lignin source (the expected
bathochromic/hyperchromic shift was noted), an abiotic change of lignin phenols was
observed which masked an ability to differentiate abiotic transformations from those
invoked by the added bacterial populations. In effort to discern between these abiotic
and biotic changes, a more controlled account of starting and end material amounts is
suggested, as losses may accrue as an artifact of the method and should be tracked. If
this were to be a viable method for temporal analysis of lignin, increased sensitivity is
required to differentiate between abiotic changes, sample losses, and the interrogated
biotic changes. Freeze drying of samples has been briefly evaluated as a method to
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preserve sample amounts (data not shown), however care must be taken in exact
measurements of the medium salts that should be subtracted to measure final lignin
mass. Washing of the lignin in water to remove salts would be ideal, however, this will
also remove some of the phenols that are to be examined. While this method has
proven successful for single time point analyses (24), it is clearly more complicated
when adding variables associated with bacterial culturing over time.
Collectively these results provide hope for continued studies to strengthen our
confidence in the transformation of biorefinery lignin by marine roseobacters. Although
the replication power necessary to definitely support these transformations is currently
lacking, there is strong evidence of growth on these substrates and limited evidence of
structural changes as indicated by 2D NMR. Future studies may consider optimizing
the UV ionization difference approach per previous suggestions to analyze lignin
phenolics. In some cases, however, a more comprehensive examination of the biomass
is preferable. In these instances 2D HMQC NMR is a viable option that can also be
supplemented by the advancing technologies of mass spectrometry that have recently
reported a method for analysis of organosolv lignin (34). Findings herein present
various options for lignin analysis and encourage future efforts toward a more detailed
understanding of the potential genetic determinants involved in lignin transformations.
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VIII. Appendix: Tables
Table 3.1. Reaction conditions for the preparation of organosolv lignins
Lignin
ID

Feedstock
(SG/P)*

Temperature
(C)

[Acid]
(M)

Time
(min)

Microcosm
1

129

50/50

120

0.05

56

x

131

50/50

140

0.025

56

x

139

50/50

160

0.025

90

x

90

100/0

160

0.025

56

x

108

0/100

160

0.050

56

x

157

50/50

160

0.050

90

x

*SG = switchgrass, P = poplar
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Microcosm
2

Microcosm
3

x

IX. Appendix: Figures

Figure	
  3.1.	
  Aromatic	
  region	
  of	
  the	
  2D	
  NMR	
  spectrum	
  from	
  microcosm	
  1.	
  Signals	
  for	
  
ferulate	
  esters	
  are	
  outlined	
  in	
  green,	
  guaiacyl	
  units	
  with	
  oxidized	
  alpha	
  side	
  chains	
  are	
  
outline	
  in	
  purple,	
  syringyl	
  units	
  with	
  alpha	
  oxidized	
  side	
  chains	
  are	
  outline	
  in	
  orange.	
  
Spectra	
  were	
  generated	
  and	
  provided	
  by	
  Dr.	
  Joseph	
  Bozell	
  at	
  the	
  University	
  of	
  Tennessee.
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Figure	
  3.2.	
  Methoxy	
  region	
  of	
  the	
  2D	
  NMR	
  spectrum	
  from	
  microcosm	
  1.	
  Signals	
  for	
  β-‐O-‐4	
  
linkages	
  are	
  outlined	
  in	
  orange,	
  phenylcoumaran	
  features	
  are	
  in	
  tan,	
  and	
  pinoresinol	
  
features	
  are	
  outline	
  in	
  blue.	
  	
  Spectra	
  were	
  generated	
  and	
  provided	
  by	
  Dr.	
  Joseph	
  Bozell	
  at	
  
the	
  University	
  of	
  Tennessee.
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Figure	
  3.3.	
  Viable	
  counts	
  from	
  microcosm	
  2.	
  	
  SE45	
  growth	
  is	
  depicted	
  in	
  purple,	
  E-‐37	
  
growth	
  is	
  depicted	
  in	
  green.	
  	
  Dashed	
  lines	
  represent	
  carryover	
  growth	
  into	
  no	
  carbon	
  
controls.	
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Figure	
  3.4.	
  Methoxy	
  region	
  of	
  the	
  2D	
  NMR	
  spectrum	
  from	
  microcosm	
  2.	
  Signals	
  for	
  β-‐O-‐4	
  
linkages	
  are	
  outlined	
  in	
  orange,	
  phenylcoumaran	
  features	
  are	
  in	
  olive,	
  and	
  pinoresinol	
  
features	
  are	
  outline	
  in	
  blue.	
  	
  Spectra	
  were	
  generated	
  and	
  provided	
  by	
  Dr.	
  Joseph	
  Bozell	
  at	
  
the	
  University	
  of	
  Tennessee.
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Figure	
  3.5.	
  Viable	
  counts	
  from	
  microcosm	
  3	
  with	
  SE45.	
  S;	
  100%	
  switchgrass	
  
organosolv	
  lignin	
  #90,	
  P;	
  100%	
  poplar	
  organosolv	
  lignin	
  #108,	
  50/50;	
  50/50	
  
switchgrass:poplar	
  organosolv	
  lignin	
  #157	
  (see	
  Table	
  3.1).	
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Figure	
  3.6.	
  UV	
  ionization	
  difference	
  spectrum	
  from	
  day	
  0	
  and	
  5	
  of	
  microcosm	
  3.	
  Blue	
  
lines	
  represent	
  the	
  phenolic	
  spectrum	
  from	
  day	
  0,	
  red	
  lines	
  represent	
  the	
  phenolic	
  
spectrum	
  from	
  day	
  5.	
  Solid	
  lines	
  represent	
  samples	
  treated	
  with	
  SE45	
  while	
  dashed	
  
lines	
  represent	
  abiotic	
  controls.	
  S;	
  100%	
  switchgrass	
  (organosolv).
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CHAPTER FOUR - APPLICATION OF BACTERIAL RING
HYDROXYLATING DIOXYGENASES FOR THE PRODUCTION OF CISDIHYDRODIOLS FROM LIGNIN MODEL COMPOUNDS
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I. Abstract
Bacterial ring-hydroxylating dioxygenases (RHDs) are multicomponent enzyme systems
responsible for activating aromatic compounds through the addition of two vicinal
hydroxyl groups, resulting in a dearomatized cis-dihydrodiol. This activated intermediate
is a very attractive chemical species, demonstrating enhanced functionality for chemical
catalysis to a variety of valuable chemicals including BTEX, flavor compounds, and
precursors to pharmaceutical products. Due to this potential, RHDs have been targeted
for biotechnological applications through heterologous expression for the increased
production of cis-dihydrodiol intermediates. Most of the described RHD systems have
been highlighted for their ability to transform aromatic pollutants and are valued for their
indiscriminate substrate specificity. Thus, most of the information derived from these
systems has been from bioremediation studies aiming to detoxify contaminants from the
environment. While this has provided a strong foundation on the mechanisms employed
by these enzymes, there is a very limited knowledge regarding their ability to
dihydroxylate lignin-derived compounds that share structural similarity to the native
RHD substrates. Here we investigate the ability of RHDs to transform a set of lignin
model compounds with the intention of identifying cis-dihydrodiols for downstream
chemical catalysis. Recombinant E. coli strains expressing four different RHDs were
used in biotransformation studies with a library of 12 lignin model compounds. A UVbased screen suggested product formation from 3 of these strains with at least 3 (but up
to 7) of the model compounds, with a cis-dihydrodiol confirmed via NMR for 2 of these
compounds. Although many obstacles were encountered in the analysis of these data, it
is encouraging to suggest that the substrate range of these enzymes could be
expanded to include lignin-derived compounds. An enhanced understanding of potential
RHD conversions of lignin compound could be provided through in silico docking of
substrates to the known protein structures. This information could guide decisions for
potential mutations in the proteins to tailor the enzymes to accept the desired substrates
and generate a cis-dihydrodiol.
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II. Introduction
Research on the bacterial degradation of aromatic compounds has a rich history in soil
systems, particularly with respect to the detoxification of anthropogenic contaminants (1,
2). The information collected from these studies has fortified a knowledge base on the
diverse reactions involved in the transformation of aromatic compounds. It is now
understood that bacteria degrade aromatics by a process known as catabolic funneling
whereby a suite of substrates are converted into a few key intermediates prior to ring
cleavage (Figure 4.1). This funneling is separated into two parts, the upper/peripheral
pathways that prepare the ring for fission, and the lower/central pathway after ring
cleavage where catabolites are directed toward central metabolism. Due to the diverse
array of compounds entering the catabolic funnel, the transformations for ringpreparation can be numerous and involve a set of versatile enzymes (2, 3).
Consequently, the reactions involved in the diverse peripheral pathways are less well
understood than those of the lower pathway where only a few intermediates require
conversion.
Despite this inverse bottleneck, there exists a basic understanding of ring-activating
reactions in the peripheral pathways that can be separated into three categories, each
of which is thought to reflect the oxygen availability in the organism’s environment (2)
(refer to Diaz et al. 2013). The first type of ring-activation is the classical aerobic
hydroxylation of the aromatic ring mediated by a ring-hydroxylating oxygenase
(1.14.13.- and EC 1.14.12.-). The hydroxylated intermediate is later cleaved by a ringcleaving oxygenase (EC 1.13.11.-); thus both the ring-activation and ring-cleavage are
performed by different classes of oxygenases under oxic conditions. While this is a
widespread approach for aerobic organisms, the seminal example is derived from work
on toluene degradation in Pseudomonas putida F1 (4). The second category of ringactivation is the traditional anaerobic method initiated by converting the aromatic
carboxylic acid to a CoA thioester through the activity of an acyl-CoA ligase (EC 6.2.1.94

.). This reductive approach promotes further electron transfer via a CoA-reductase (EC
1.3.7.-) followed by β-oxidative-like reactions toward central metabolism. The
archetypical example of this approach is derived from studies on benzoate degradation
in Rhodopseudomonas palustris (5) and Thauera aromatica (6). The final and most
recently recognized category is a hybrid pathway that is thought to exist in aerobic
organisms exposed to sub-optimal oxygen levels, as it presents strategies from both
aerobic and anaerobic organisms (7). Here the aromatic acid is converted to a CoA
thioester using the same oxygen-independent CoA ligase used in anaerobic catabolism.
The CoA compound is then converted to an epoxide intermediate through an oxygendependent reaction mediated by a CoA epoxidase (EC 1.14.13.cu). In most instances,
the aromatic compound is subsequently cleaved through hydrolysis (consistent with
anaerobic methods) and not oxygenolysis. This route to aromatic catabolism has been
demonstrated for benzoic acid in Azoarcus evansii (8) and for phenylacetic acid in E.
coli K12 and Pseudomonas Y2 (9).
While the emerging information on novel reactions for aromatic catabolism are drawing
deserved attention, studies have historically favored work on aerobic transformations
due to interest in isolating the chemically desirable cis-dihydrodiol intermediate
generated by ring-hydroxylating dioxygenases (RHDs) of the aforementioned peripheral
pathways. This biological compound is chemically attractive due to its ability to be
converted into a variety of industrial products and has practical advantages over a
chemically-synthesized product that is very difficult to isolate without further reactivity
resulting in product loss (10). Among the many compounds that can be synthesized
from cis-dihydrodiols are natural products, fine chemicals, and pharmaceuticals (11,
12). Perhaps the most obvious product derived from cis-dihydrodiols is indigo, as this
compound is visible in RHD-expressing bacterial cultures upon standard growth in
tryptophan-containing media. Here, the bacterium converts tryptophan (via
tryptophanase) to indole, which serves as a natural substrate for RHD-mediated
dihydroxylation to indoxyl, which spontaneously loses water to form indigo (13). Another
successful example of RHD applications in synthetic chemistry is the production of
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flavor compounds. The preparation of strawberry furanone flavoring has been
documented from modifications of the p-xylene cis-dihydrodiol after biocatalysis with a
toluene/tetrachlorobenzene dioxygenase (14). Cis-dihydrodiols can also be chemically
upgraded to medically-relevant compounds, such as indinivir, an HIV-1 protease
inhibitor, however further work is required to prevent undesired by-products of this
oxidation (15).

Given the tremendous value of the cis-dihydrodiol intermediate, it is not surprising that
researchers have dedicated much effort to understanding the mechanism of these
enzymes in hopes of manipulating the reactions for increased product formation. RHDs
belong to a family of enzymes known as Rieske non-heme iron oxygenases (16).
These are multicomponent, co-factor-requiring, oxygen-dependent systems comprised
of a reductase, a ferredoxin (sometimes), and a trimeric (α3) or hexameric (α3β3)
oxygenase. The alpha subunit of the oxygenase enzyme contains a characteristic
Rieske [2Fe-2S] cluster that is coordinated to the protein by 2 cysteine and 2 histidine
residues. In these systems, 2 electrons (H-) are transferred from an NAD(P)H cofactor
and shuttled across the reducing enzyme(s) to the oxygenase, allowing for the addition
of dioxygen onto an aromatic substrate producing the reactive dihydrodiol intermediate
(Figure 4.2) (17). While RHDs are present in both bacteria and fungi, only bacterial
species generate the reactive cis-dihydrodiol, whereas the fungi produce a less
chemically reactive (and less biotechnologically desirable) trans-dihydrodiol (18).
Consequently, most attention has been devoted to studying bacterial ring-hydroxylating
dioxygenases.

Much of what is known about bacterial RHDs comes from a relatively small pool of wellcharacterized enzyme systems. Among these RHDs are the toluene dioxygenase
(TDO) from Pseudomonas putida F1 (4, 19), the naphthalene dioxygenase (NDO) from
Pseudomonas sp. NCIB 9816-4 (20, 21), and the biphenyl dioxygenase (BPDO) from
96

Burkholderia (Pseudomonas) sp. LB400 (22-25), whose names reflect the substrate
from which the enzyme was first documented to produce an oxidized product. Thus,
despite the specificity implied by their names, RHDs are notorious for their broad
substrate range, making them even more attractive biocatalysts for the production of a
diverse collection of active cis-dihydrodiols (20). For instance, the Pseudomonasderived naphthalene dioxygenase has been found to convert over 60 different aromatic
substrates when purified or expressed in a heterologous host (20), although it is
important to note that not all products are cis-dihydrodiols. In addition to performing
dihydroxylations, these enzymes can also often assist in monooxygenations,
desaturations, sulfoxidations, dealkylations, and other transformations (21, 25). With
this knowledge it is important to understand the substrate and product range of the
enzymes applied for cis-dihydrodiol biotransformations.

In effort to upscale and isolate the production of cis-dihydrodiols from bacteria, many
RHDs have been cloned into heterologous hosts (usually E. coli or Pseudomonas sp.)
for overexpression of the enzyme that can then be used to transform the desired
substrate. Application of a recombinant system for these biotransformations is
advantageous, and arguably essential, for many reasons. First, because the native
host catabolizes the aromatic compound for central metabolism, the cis-dihydrodiol
does not accumulate in the cell, and in instead is quickly rearomatized by a
dehydrogenase encoded in the corresponding operon. Thus, it is necessary to extract
only the desired genes of the enzymes system (reductase, ferredoxin, and dioxygenase
components) for expression in a non-native host lacking the RHD dehydrogenase.
Secondly, the use of well-established bacterial expression systems allows for the
overproduction of these enzymes, increasing the biocatalysis potential for cisdihydrodiol. Lastly, this approach implants the necessary RHD genes into a plasmid
with an inducible promoter (usually lac) for controlled expression of the protein, offering
convenience and further ability to optimize reaction conditions, as the timing of protein
expression is known.
97

Due to the large interest employing RHDs for the decontamination of aromatic
environmental pollutants, a wealth of information is available on the ability of these
enzymes to dihydroxylate substrates like toluene (4), naphthalene (20), polycyclic
aromatic hydrocarbons (26, 27), chlorinated compounds (28) etc. What is lacking from
the literature, however, is an assessment of RHD-mediated conversions of abundant
and naturally occurring lignin compounds that exhibit structures similar to those of
aromatic contaminants. Here we examine the activity of well-characterized RHDs with a
set of lignin model compounds to determine [1] if the selected enzymes accept noncognate lignin compounds as substrates; [2] which enzymes demonstrate the broadest
substrate range across tested lignin models; and [3] if the enzymes produce cisdihydrodiols from our substrates. To address the above questions, small-scale
biotransformations were performed with four different recombinant RHD systems and 12
different lignin substrates. Crude product conversion was screened through a UV-based
assay to provide preliminary information regarding the ability of the enzyme to convert a
given substrate. For select positive reactions, the enzyme-substrate combination was
scaled (by collaborators) for product isolation, purification, and identification via NMR
(James Daleiden, unpublished data). Results suggest the ability of 3 of the 4 tested
RHDs to convert at least 3 lignin model compounds, with a cis-dihydrodiol confirmed for
3 of these reactions. Insight into the ability of RHDs to transform lignin models has
potential implications for the biorefinery as residual lignin could be valorized through
conversion to cis-dihydrodiols for subsequent chemical reduction to high value

III. Materials and methods
Strains and growth maintenance
Strains used for this study are listed in Table 4.1. The toluene dioxygenase strain, E.
coli JM109 pDTG601 (4), was gifted by Dr. Tomas Hudlicky (Brock University, Canada).
The naphthalene dioxygenase strain, E. coli JM109 (DE3) pDTG141 (20, 21), was gifted
by Dr. Rebecca Parales (University of California Davis). Both biphenyl dioxygenase
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strains (E.coli BL21 (DE3) pLysS pAIA111 (24) and P. putida KT2442 pDM10 (29))
were gifted by Dr. Bernd Hofer (Hemholtz Center for Infection Research). All strains
were maintained in Luria Bertani (LB) medium supplemented with the appropriate
antibiotic to maintain selection of the recombinant plasmid (pDTG601 and pDTG141,
200 µg/mL ampicillin; pAIA111, 200 µg/mL ampicillin and 50 µg/mL ampicillin (for
pLysS), pDM10 50 µg/mL chloramphenicol). Control strains lacking the recombinant
plasmid were cultured in parallel when necessary with the caveat that Pseudomonas
putida F1 was used as the control strain for Pseudomonas putida KT2442 due to
inability to acquire the appropriate strain. Biotransformations were performed in either
LB or Minimal Salts Broth medium (MSB) containing 4.5 g/L K2HPO4, 3.4 g/L KH2PO4, 2
g/L (NH4)2SO4, 0.16 g/L MgCl2*6H2O, 1x minerals, 1x trace metals (30) supplemented
with 10 mM glucose and 0.1 mM thiamine. E. coli strains were generally maintained at
30-37°C at 200 rpm and P. putida strains at 30°C, 200 rpm. Biotransformations were
performed at 25°C with shaking (200 rpm) and induced with 1 mM isopropyl β-D-1thiogalactopyranoside (IPTG).
RHD enzyme assay via indigo formation
In effort to establish a baseline understanding of the relative efficacy of our RHD
systems, a variety of enzyme assays were attempted (indoxyl (31) NADH, indigo (13)),
of which only the indigo demonstrated success. Methods for the indigo assay were
followed as described by Ensley et al. (13) and were only performed on the TDO and
NDO strains. Briefly, 2 mL of an 18-hour culture was used to inoculate 200 mL of
LB/ampicillin. These cultures were incubated at 37°C, 200 rpm and induced with 1mM
IPTG at an OD600 of 0.4-0.8. Induction was terminated after 4 hours. Samples for OD
measurements (500 µl) were taken every hour pre- and post-induction to monitor cell
growth. Samples for indigo extraction (2 mL) were taken in triplicate every 30 minutes
post-induction (with one sample just prior to IPTG addition). These samples were spun
down and supernatant removed prior to storing the cell pellet at -20°C for indigo
extraction. Indigo was extracted from thawed pellets through two rounds of
resuspension in 200 µl dimethylsulfoxide (DMSO), centrifugation, and collection of the
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supernatant. Indigo extractions were pooled for each biological replicate and measured
through spectrophotometric absorbance at 620 nm (DU 800 UV-vis spectrophotometer
Beckman Coulter, Inc., Brea, CA). Indigo concentrations were determined using the
extinction coefficient for indigo at 620 nm (ε = 2,260M-1cm-1) and the measured
absorbance of the sample (c = A/ε).
Biotransformations of lignin model compounds
Biotransformations were performed under a variety of conditions in effort to optimize the
reaction conditions for each enzyme and/or substrate. Generally, overnight cultures of
the RHD strains were used to inoculate a 9 mL LB pre-culture which was incubated at
37°C (for E. coli strains) or 30°C (for the P. putida strain) at 200 rpm until an OD600 of
0.4-0.8, at which time cultures were sub-cultured to 25 mm screw cap tubes containing
7 mL LB or MSB and appropriate antibiotic. These tubes were incubated under the
same conditions as above until an OD600 0.4-0.6 was observed, at which time the
temperature was incrementally dropped every 15 minutes until a final temperature of
25°C was achieved. The cultures were incubated another 30 minutes at 25°C before
induction with 1 mM IPTG. Substrate was added after 12-16 hours of protein induction
to initiate the biotransformation which proceeded at 25°C, 200 rpm. Table 4.2 displays
the substrates, solvents, and typical final concentrations used in these assays.
Concentrations were determined based on preliminary studies assessing substrate
toxicity (data not shown). Samples (300-500 µl) were taken periodically throughout the
biotransformation to screen for product formation via a UV assay (described below).
UV analysis of biotransformation products
Products from the biotransformation were monitored with a general UV assay to screen
for the change in absorbance between the starting material and the incubated product.
Throughout the biotransformation, samples were collected and cells removed via
centrifugation. An absorbance spectrum in the UV range (200-400 nm) was collected
using the respective control culture (host organism with no RHD plasmid without
substrate) supernatant as a blank. Differences in spectra between the control and RHD
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strain supernatants were considered positive for substrate transformation. Spectra of
the substrate alone in the appropriate growth medium were also collected for
comparison of starting material and products.

IV. Results
Indigo assay detects RHD activity
In the interest of validating the activity of our RHDs and determining an approximation
their conversion rates, an assay was used that monitors a well-recognized reaction of
RHDs in which indigo is formed as a final product. In this reaction, the RHD converts
indole (a natural metabolite of tryptophan) in the medium to a transient indoxyl
intermediate that is quickly dehydrated to form insoluble indigo (Figure 4.4). While it
would be beneficial and convenient to detect the soluble indoxyl intermediate (31), for
which there is also a described assay, efforts toward that end were never fruitful. The
extraction of indigo, however, did provide results demonstrating the efficacy of indole
conversion (Figure 4.5). Here, temporal samples were collected to monitor cell growth
and indigo formation after induction with IPTG. Results demonstrate that for the two
assayed strains (TDO and NDO), the RHDs generated increasing levels of indigo over
time that correlated with cell growth. Growth was consistent across strains and indigo
formation rates were similar for both the TDO (113 uM/hr) and NDO (116 uM/hr) strains.
Biotransformations reveal new lignin substrates for classic RHD systems
Biotransformations were conducted to assess the ability of a subset of well-known RHD
systems (TDO, NDO, and 2 BPDO strains) (see Table 4.1) to convert a library of lignin
model compounds (see Table 4.2), with which these enzymes have never been tested.
Substrates were supplied to pre-induced cultures of the recombinant strains, with
samples collected temporally for UV analysis. Due to the characteristic absorbance of
aromatic compounds between 200-400 nm (32), detection of biotransformation products
was determined through UV scans in the ultraviolet region. It must be noted that this
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assay does not differentiate between cis-dihydrodiol products and any other aromatic
product as it detects all compounds absorbing in the UV range. Because most of the
starting materials are hydrophobic while the intended cis-dihydrodiol product is watersoluble, we anticipated that only the detectable products would be the water-soluble
products derived from RHD oxidations. While this was true for many of the substrates
like toluene (Figure 4.5), others like 4-methyanisole provided confounding results
(Figure 4.6). In the case of toluene biotransformation, a clear product peak is observed
at ~265 nm with no absorbance for the starting material alone. The 4-methylanisole,
however, exhibits a peak for the substrate alone (in growth medium) and product peaks
that are just above the peaks for the non-RHD control cultures. These observations
present a challenge in assigning an honest score for the biotransformation; however,
one could argue that the hypsochromic shift in absorption maxima for this substrate
suggests a loss of conjugation indicative of RHD-mediated transformation. Regardless,
the unexpected solubility and inherent multiple-peak absorption of compounds like 4methylanisole interfered with confident interpretation of the data. Consequently,
biotransformation scores were awarded conservatively with intentions to further
optimize conditions to yield cleaner spectra.
Despite this obstacle, potential products were detected in all of the strains, with 3 of the
4 demonstrating transformation of at least 3 lignin models (Table 4.3). The TDO strain
provided the most positives with evidence of 7 transformed model compounds, whereas
the NDO strain demonstrated conversion of 6 lignin models, and the BPDO from
Burkholderia LB400 exhibiting products from 3 models. Interestingly, the BPDO from
Rhodococcus globerulus only displayed evidence of transforming its native substrate.
Of the reactions that provided evidence for product formation, 4 were scaled up for
product isolation, purification, and identification by collaborators at the University of
Tennessee Center for Renewable Carbon. These scaled biotransformations all
employed the TDO strain, but varied the substrate using toluene, 4-methylanisole, 4chloroanisole, or 4-propylanisole. From these reactions, the cis-dihydrodiol was
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confirmed for toluene, 4-methylanisole, and 4-chloroanisole via NMR (James Daleiden,
unpublished data).

V. Discussion and perspectives
The application of ring-hydroxylating dioxygenases for the production of biological cisdihydrodiols has been strongly pursued since 1968 when Gibson confirmed the cis
conformation of the dihydrodiol Pseudomonas putida F1 (19). Subsequent studies
aimed to generate mutant strains like Pseudomonas F39/D (33) that were deficient in
the RHD dehydrogenase responsible for rearomatizing the prized cis-dihydrodiol
intermediate. As molecular techniques boomed in the 1970s with the discovery and
application of restriction endonucleases in 1971 (34), Sanger sequencing in the late
1977 (35), and the first cloning vectors in the late 70s (36) opportunities arose for
expressing RHD systems in cloning plasmids. Soon thereafter cloning strains housing
RHD plasmids were being applied for the formation of cis-dihydrodiols from aromatic
pollutants (4, 21). The recombinant strains used in this study represent some of the
most well understood RHD systems, with 3D protein information currently available for
the catalytic oxygenase component of most, offering valuable information about the
potential substrates that can be transformed (37-40) (Table 4.4). This information can
be compared to results of the current study to help contribute to the growing knowledge
of RHD substrates and guide decisions for future manipulations of these enzymes for
increased substrate range and diol formation.
While our screening approach for product formation lacked desired specificity, it served
as an acceptable first approximation of RHD activity with the given library of lignin
models. Results suggest that all of our RHDs, except the BPDO from Rhodococcus,
can transform at least 3 of the provided lignin compounds. Much overlap between the
potential substrate ranges of these enzymes was apparent, with most shared substrates
between the TDO and NDO. The LB400 BPDO demonstrated a more unique (and
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limited) substrate profile, which is somewhat surprising as one might expect the BPDO
and NDO to share more similar substrates considering the resemblances in their
cognate substrates (multi-ring, non-substituted, hydrophobic). Cross over between
substrates for these two RHDS has, in fact, been previously reported (41). Additionally,
the BPDO from LB400 has drawn attention for its lack of substrate discrimination,
however (24, 25), most studies with this enzyme system focus on congeners of
chlorinated polycyclic aromatic hydrocarbons, which were not tested in this study.
Owing to the lack of sensitivity and confidence demonstrated by the UV assay, only
those reactions for which the cis-dihydrodiol was confirmed can truly be critically
analyzed. These included reactions of the TDO with toluene, 4-methylanisole, and 4propylanisole. The typical substrates for TDO are substituted benzenes (25), a class to
which anisoles belong. In fact, the TDO-mediated dihydroxylation of anisole
(methoxybenzene) and phenetole (ethoxybenzene) has been reported (42), however,
the steric and electronic effects of other substituents has not been considered. The
ability of the TDO to transform both 4-methylanisole and 4-chloroanisole, but not 4propylanisole might suggest a steric hindrance of the propyl side chain in the binding
site of the enzyme. Considering that both the methoxylated (electron donating) and
chlorinated (electron withdrawing) anisoles were successfully transformed to cisdihydrodiols, it is unlikely that differences in electronic effects influences the substrate
conversion for this enzyme. The larger propyl group of 4-propylanisole, however, may
have presented a size obstruction in the active site; however, this cannot be confirmed
without proper binding studies.
Given this information, it is clear that further investigation is required to understand the
substrate range of these enzymes with respect to lignin model compounds. The
necessary insight may be provided through molecular docking studies using the
available crystal protein structures and desired substrates, for which chemical files are
available. Depending on the computational literacy of the researcher and the desired
depth of information, one may choose from variety of available software. Autodock (43)
104

and SwissDock (44) are commonly used tools to provide binding energy information for
various ligands. Additionally, in silico mutations can be made to the protein sequence in
effort to determine which residue changes could facilitate stronger substrate binding to
the active site. Previous mutational studies done on the TDO (45), NDO (41, 46) and
BPDO (47) have helped to unveil key residues involved in substrate binding for these
information. These insights could enable the construction of in vitro mutations and
subsequent functional studies to tailor the enzymes for lignin substrates. The ability to
enhance RHD conversions of lignin-related compounds could provide an enhanced
application of residual lignin from the current bioethanol refineries and paper mills.
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VIII. Appendix: Tables
Table 4.1. Recombinant RHD strains used in this study and their source organism
Enzyme classification

Source organism

Host strain

Plasmid

Toluene dioxygenase

Pseudomonas putida F1

E. coli JM109

pDTG601

Naphthalene dioxygenase

Pseudomonas sp. strain NCIB 9816-4

E. coli JM109 (DE3)

pDTG141

Biphenyl dioxygenase

Burkholderia sp. LB400

E. coli BL21 (DE3)
pLysS

pAIA111

Biphenyl dioxygenase

Rhodococcus globerulus P6

P. putida KT2442

pDM10
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Table 4.2. Lignin model substrates used in this study
Substrate

Structure

Solvent

[Final]

Toluene

NA
(neat)

18 mM

Naphthalene

DMSO

7.8 mM

Biphenyl

DMSO

0.5 mM

4-methylanisole

NA
(neat)

6.3 mM

4-chloroanisole

NA
(neat)

9.2 mM

4-propylanisole

NA
(neat)

5 mM

1,3-dimethoxybenzene

NA
(neat)

2 mM

1,4-dimethoxybenzene

DMSO

2 mM

Syringaldehyde

DMSO

2 mM

2-methoxy-4propylphenol

NA
(neat)

0.2 mM

Vanillin

DMSO

6 mM

Vanillin acetate

DMSO

6 mM
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Table 4.3. Results of the UV biotransformation screen using RHDs overexpressed
on recombinant plasmids (pDTG601, pDTG141, pAIA111, pDM10) and a library of
lignin model compounds. Purple boxes indicate evidence of product formation.
Black outline indicates cis-dihydrodiol confirmation via NMR (Jim Daleiden).
TDO
(pDTG601)

NDO
(pDTG141)

BPDO
(pAIA111)

BPDO
(pDM10)

Toluene

+

+

+

+

Naphthalene

+

+

-

-

Biphenyl

ND*

ND

+

+

4-methylanisole

+

+

-

-

4-chloroanisole

+

+

-

-

4-propylanisole

-

-

ND

ND

1,3dimethoxybenzene

+

+

-

-

1,4dimethoxybenzene

-

-

-

-

Syringaldehyde

+

+

+

-

2-methoxy-4propylphenol

-

+

-

-

Vanillin

+

-

+

-

Vanillin acetate

+

-

+

-

Substrate

Structure

* ND indicates no data
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Table 4.4. Crystal structure availability for the RHDs used in this study
Enzyme classification

Source organism

PDB ID*

Reference

Toluene dioxygenase

Pseudomonas putida F1

3EN1

Friemann et al. 2009

Naphthalene dioxygenase

Pseudomonas sp. strain NCIB 9816-4

1O7G

Kauppi et al. 1998
Karlsson et al. 2003

Biphenyl dioxygenase

Burkholderia sp. LB400

2XrX

Kumar et al. 2011

Biphenyl dioxygenase

Rhodococcus globerulus P6

No data

none

* PDB = Protein Data Bank
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IX. Appendix: Figures

Figure	
  4.1.	
  Illustration	
  exhibiting	
  the	
  concept	
  of	
  catabolic	
  funneling.	
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Figure	
  4.2.	
  Mechanism	
  of	
  the	
  RHD	
  enzyme	
  system	
  whereby	
  the	
  electrons	
  are	
  transferred	
  
across	
  reducing	
  enzymes	
  to	
  the	
  oxygenase	
  component	
  that	
  is	
  responsible	
  for	
  addition	
  of	
  
dioxygen	
  onto	
  the	
  ring.	
  The	
  example	
  provided	
  is	
  from	
  the	
  naphthalene	
  dioxygenase	
  from	
  
Pseudomonas	
  putida	
  PpG7	
  (adapted	
  from	
  Parales	
  and	
  Resnick	
  2006).	
  A	
  genetic	
  map	
  is	
  
provided	
  below	
  to	
  display	
  the	
  genes	
  responsible	
  for	
  the	
  given	
  reactions.
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Figure	
  4.3.	
  Reaction	
  demonstrating	
  the	
  dihydroxylation	
  of	
  lignin	
  models	
  to	
  cis-‐dihydrodiols	
  
for	
  subsequent	
  chemical	
  conversion	
  to	
  hydrocarbons.	
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Figure	
  4.4.	
  Proposed	
  reaction	
  for	
  the	
  formation	
  of	
  indigo	
  from	
  tryptophan.	
  
From	
  Ensley	
  et	
  al.	
  1983
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Figure	
  4.5.	
  Results	
  of	
  the	
  indigo	
  assay	
  with	
  the	
  toluene	
  dioxygenase	
  and	
  
naphthalene	
  dioxygenase	
  recombinant	
  strains.	
  	
  Growth	
  is	
  measured	
  by	
  optical	
  
density	
  on	
  the	
  left	
  axis	
  (black	
  lines)	
  and	
  indigo	
  concentration	
  on	
  the	
  right	
  axis	
  
(blue	
  lines).	
  Controls	
  are	
  represented	
  by	
  the	
  JM109	
  host	
  strain	
  that	
  lacks	
  the	
  
respective	
  RHD	
  plasmid.	
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Figure	
  4.6.	
  UV	
  assay	
  of	
  from	
  the	
  biotransformation	
  of	
  toluene	
  with	
  the	
  toluene	
  
dioxygenase.	
  Products	
  from	
  the	
  TDO	
  strain	
  are	
  in	
  blue	
  and	
  products	
  from	
  the	
  control	
  
strain	
  in	
  orange.	
  The	
  top	
  spectrum	
  shows	
  the	
  absorbance	
  of	
  toluene	
  alone	
  in	
  sterile	
  
growth	
  medium.
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Figure	
  4.7.	
  UV	
  assay	
  of	
  from	
  the	
  biotransformation	
  of	
  4-‐methylanisole	
  with	
  the	
  
naphthalene	
  dioxygenase.	
  Products	
  from	
  the	
  NDO	
  strain	
  are	
  in	
  red	
  and	
  products	
  
from	
  the	
  control	
  strain	
  in	
  orange.	
  The	
  top	
  spectrum	
  shows	
  the	
  absorbance	
  of	
  4-‐
methylanisole	
  alone	
  in	
  sterile	
  growth	
  medium.
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CHAPTER FIVE - CONCLUSIONS AND FUTURE DIRECTIONS
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Lignin, the most abundant aromatic polymer on earth, offers an outstanding opportunity
to serve as a reservoir of renewable carbon. Due to the recalcitrance of this material,
however, exploiting the potential of lignin has presented a considerable obstacle. The
work described within this dissertation examined the diverse mechanisms by which
bacteria transform lignin-derived compounds, with an emphasis on conversions that
could result in the production of valuable products such as hydrocarbon fuels (1),
synthetic chemicals (2), and commercial commodities like vanillin (3). The research
applied to interrogate these biocatalytic conversions displayed varying levels of
success, with several instances of ambiguous or interpretable outcomes. The
occurrence of these setbacks is very much unsurprising as the challenges associated
with lignin transformations (4, 5) and structural analyses (6) have long been
acknowledged. Nevertheless, interesting and novel insights were uncovered that will
aid in the optimization of future studies and generate new hypotheses with a higher
probability of tangible outcomes.
Of the many conversions that were addressed, the most specific and informative of
these involved the conversion of ferulic acid by the marine roseobacter isolate, Sagittula
stellata E-37. Investigations into ferulate catabolism in this organism were primarily
spurred by the intriguing observation of two annotated feruloyl-CoA synthase (fcs)
genes located in disparate regions of the genome. With the knowledge that ferulic acid
can be catabolized through pathways involving a vanillin intermediate (7) and that E-37
can utilize vanillin as a sole carbon source, it was hypothesized that E-37 utilizes at
least one of the two encoded fcs genes to degrade ferulic acid through a vanillin
intermediate. The presence of a vanillin intermediate was also a motivation for
enhanced insight into this pathway due to its importance as chemical commodity (3, 8).
Mutational studies were performed to generate strains with single and double knockouts
for the fcs genes. To our surprise, the resulting phenotypes suggested only a partial
involvement of either of the genes in ferulic acid catabolism, as growth was observed for
all strains on ferulic acid that was only slightly depressed from that of the wildtype strain.
Even more interestingly was the loss of growth on p-coumaric acid for the double
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mutant, suggesting that both of these genes are required for the utilization of this
compound, and not ferulic acid. These findings could reflect a misannotation of the two
fcs genes in the E-37 genome and/or could indicate a level of enzyme promiscuity that
requires further functional analysis to validate. The mutagenesis techniques performed
on this strain also offers an advancement in roseobacter genetics (9), as two genetic
approaches were successful implemented, one of which had only been documented for
one roseobacter strain (10) and another that is completely novel to this lineage.
Another bacterial conversion that was examined was the transformation of a larger,
more complex organosolv lignin substrate. The studies outlined in Chapter 3 describe a
set of microcosm experiments where selected roseobacter strains were incubated with
different preparations of organosolv lignin (11, 12). All of the microcosms provided
strong evidence of bacterial growth on organosolv lignin, which in itself suggests a
conversion of the material. 2D NMR analysis of the material across the different
microcosms, however, provided mixed results. The strongest evidence for roseobacter
transformations of lignin was derived from a 4 month microcosm incubation with
Citreicella sp. SE45. At the end point of this experiment, the lignin profiles from 2D
NMR suggest a complete loss of ferulate ester features, a considerable loss of β-O-4
linkages, and a diminished presence of phenylcoumaran and pinoresinol signals. While
the disappearance of β-O-4 linkages cannot be readily explained by the genotype of the
organism, the loss of ferulate esters could be a consequence of feruloyl esterase
activity which is known to hydrolyze the cross-linkages between ferulate in lignin and
the hemicellulose polysaccharide (13). There exists as a single gene annotated as a
feruloyl esterases in the SE45 genome that exhibits strong sequence homology to other
annotated feruloyl esterases. Although these experiments may require more replication
to assign lignolytic activity to this organism, they provide a strong line of support for the
pursuance of related studies aiming to add confidence to this claim.
The last reaction described in this work is the dihydroxylation of aromatic compounds by
bacterial ring-hydroxylating dioxygenases (RHDs). This reaction has drawn much
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attention due to its generation of a desirable cis-dihydrodiol intermediate. The broken
aromaticity of this chemical species and the cis orientation of hydroxyl group provide
advanced chemical functionality for subsequent conversion to a variety of chemical and
pharmaceutical products (14). Work in this chapter involved screening a set of
heterologously expressed RHDs for their ability to convert non-native lignin model
compounds with the end-goal of accumulating cis-dyhydrodiols for subsequent chemical
conversion. Results from this study was not as fruitful as desired, although some new
information was exposed regarding the substrate range of these enzyme systems. Of
the 4 tested RHDs, 3 showed evidence of converting three or more of the lignin
compounds. Of these reactions, cis-dihydrodiols were confirmed from two of the
starting lignin substrates (4-methylanisole and 4-chloroanisole). In effort to tailor these
enzymes to accept a larger range of lignin-derived compounds, it is suggested to
perform in silico protein docking studies with the selected lignin models. Information
provided form this approach should illuminate key residues that could be mutated in
vitro to allow for increased substrate conversion to cis-dihydrodiols.
When considering the future of lignin studies, there remains much hope. Due to the
need for alternative energies, vigorous efforts have been put forth to expand our
knowledge of lignin structure (15) and to tailor biomass (16) and microorganisms (17)
for more efficient conversion to useful products. An extremely exciting advent in lignin
technology is development of analytical techniques for resolving lignin structures.
Between 2012 and 2014 mass spectrometry methods have improved from technologies
optimized for lignin model compounds (18) to the resolution of structures from an
complex organosolv switchgrass preparation (19). These advancements suggest that
we may be approaching an era of lignin sequencing (6) which would highly strengthen
efforts to discern both chemical and enzymatic conversions of the material. Given these
positive prospects in lignin analysis, encouragement is extended for continued studies
regarding bacterial transformations of lignin-derived compounds.
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